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Die selbsta¨ndige, gerichtete Bewegung von biologischen Zellen ist eine der grundle-
gendsten und komplexesten Erscheinungen der Natur. In ho¨her entwickelten Lebewesen
spielt die Zellbewegung eine wichtige Rolle, z.B. bei der Entwicklung des Organismus,
bei der Funktion des Immunsystems aber auch bei der Metastase von Krebszellen. Die
physikalischen Prozesse die dieser Fa¨higkeit zugrunde liegen, sind im Fokus dieser Ar-
beit. Um besser zu verstehen welche Prozesse im Einzelnen und in welcher Kombination
den Zellen erlauben sich gerichtet fortzubewegen, wurde in der vorliegenden Arbeit ein
representatives Modellsystem von motilen Zellen untersucht. Fischkeratozyten bewegen
sich in vitro regelma¨ßig und gleichfo¨rmig, relativ schnell u¨ber die Substratfla¨che, und
stellen aus physikalischer Sicht eine optimierte, sich selbsta¨ndig bewegende Polymermas-
chine dar.
Um Kra¨fte in der Bewegungsebene der Zellen zu untersuchen, wurde in der vorliegen-
den Arbeit eine neuartige, auf dem Rasterkraftmikroskop (RKM) basierende Meth-
ode entwickelt. Zusa¨tzlich wurden hochaufgelo¨ste, mit dem Phasenkontrastmikroskop
aufgenommene Bilderserien analysiert und die Geschwindigkeitsverteilung in der Zelle
durch Korrelationsalgorithmen bestimmt. Die Struktur des Polymernetzwerkes wurde in
mit Fluoreszenzfarbstoff markierten Zellen untersucht, elastische Eigenschaften wurden
mit rheologischen RKM-Messungen bestimmt. Traktionskraftmessungen an elastischen
Substraten runden das umfassende Bild ab. Durch Vera¨nderung der molekularen Struk-
turen mit verschiedenen Chemikalien, die unterschiedliche Prozesse im Gesamtsystem
sto¨ren, konnte nun ein Phasenraum der Kraftgenerierungsprozesse untersucht und un-
terschiedliche Effekte verschiedenen Prozessen eindeutig zugeordnet werden. Es wurde
somit erstmalig experimentell bewiesen, dass die Polymerisation von Aktin die treibende
Kraft am vorderen Rand der Zelle ist. Daru¨ber hinaus wurde das Verhalten des Kraftauf-
baus mit einem Model beschrieben, das Aufschluss u¨ber die Funktionsweise der darunter
liegenden Aktinpolymerstrukturens gibt. Desweiteren wurde in der Mitte der Zelle, zwis-
chen vorderem Rand und Zellko¨rper, erstmalig eine ru¨ckwa¨rtsgerichtete Kraft gemessen,
die wichtig ist um ein Kra¨ftegleichgewicht zu erstellen. Ein Model das auf entropischen
Kra¨ften im Polymersystem basiert, beschreibt diese kontraktilen Kra¨fte und ordnet sie
der Depolymerisation von Aktin zu. Die Bewegung des Zellko¨rpers wiederum basiert
auf dem Zusammenspiel dieser beiden Mechanismen, sowie der Kontraktion von Ak-
tin und Aktinbu¨ndeln durch molekulare Motoren. Eine umfassendes Charakterisierung
u¨ber verschiedene lokale Mechanismen und ihrer Wechselwirkungen konnte somit erstellt
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Cell movement is a constant in life, determining every turn from conception to death. A
newly fertilized embryo begins as one cell that divides amorphously; however, this cannot
produce a structured organism. Embryogenesis requires both single and collective cell
movement which break the embryo’s symmetry, and introduces a coordinate system
into the formerly spherical cell ball. With defined axes and anisotropic chemical and
mechanical gradients, the cells then move to form germ layers, and subsequently give
rise to differentiated tissues and organs. Throughout the course of life, motile cells
continue to play critical roles in an organism’s life. Alerted by an infection, the immune
system recruits white blood cells to swarm out and defeat the intruders, and without
this response an average human would die in hours. In this very concrete way, life
precariously hinges on the tireless crawling of internal defenses. Defenses, however,
are not the only cells on the march. After oncogenic transformation, cancer cells, which
have begun to ignore the body’s regulatory instructions and grow incessantly, leave their
original home in a primary tumor, migrate through the body, and start a metastasis in
a new location, potentially next to a vital organ. From this we might learn that there
are many forms of cell movements, that the moving capacity can be switched on and
off, and that understanding these processes may eventually bring us a greater level of
control for our fate. To approach such different modes of cell motility rigorously and to
quantify the key elements responsible is a scientific challenge.
Cells are complex biological and physical systems as they contain of an immense num-
ber of proteins which do everything from metabolic regulation to morphological and
motility regulation. The cytoskeleton is the principal element responsible for mechan-
ical activity. Its main components are biopolymers, whose dynamics enable the cell
to propel itself, installing therefore an independent machinery in this active soft mat-
ter. Considered physically, thin polymer-films out of thermodynamic equilibrium are
able to move due to self-organization. Different types of motion where a cell protrusion
flows or crawls have been observed, however, the mechanism driving and differentiating
these movements has been the subject of scientific investigation for several decades. In
the field of motility research a large number of excellent publications exist, which were
able to illuminate the role of certain proteins in material flows and polymerization pro-
cesses. Several hypotheses propose protrusion and traction force production processes
such as actin polymerization, myosin contractility, or hydrostatic pressure, yet is widely
accepted that the basic engine for most gliding or crawling is the actin cytoskeleton.
Despite identifying the key proteins responsible, a quantitative and qualitative locally
resolved picture does not exist, and a basic understanding of the underlying mechanisms
does not go far beyond compelling yet hypothetical models. Various components and
mechanisms responsible for force generation are proposed, but how these are interlocked
to each other and achieve movement remained unresolved. Most previous studies were
experimentally limited to one certain part of a cell or to only a small set of parameters
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that were measured, rendering them disparate and often so disconnected as not to be
comparable in any meaningful sense.
In the thesis presented here the dissipative and inconsistent understanding of cell
motility was investigated in order to provide a consistent and complete picture of cell
motility on a model system of epithelial fish keratocytes. Keratocytes are fast moving
cells, which display an optimized synchronization of the motility machinery. Kerato-
cytes are a commonly used model motile cell as they are a relatively simple, highly
persistent in morphology and motility, and have quite large speeds (≈ 10 µm/min). The
simple system of keratocytes provides quantitative insight into the general molecular
interactions, and is largely applicable to a variety of other cells such as fibroblast or
neurons.
The principal focus of this work is to resolve the force distribution within cells, and
to identify the local responsible mechanism. In order to provide the necessary spatial
and force resolution, a new method based on scanning force microscope was developed,
which allows to measure forces that cells exert in their plane of movement (forward and
rearward). Combining this novel approach with high-resolution imaging and traction
force microscopy, an unprecedented complete set of measurements for a motile cell could
be provided, allowing direct comparisons between the regions and molecular engines
responsible. Molecular details of the motility phase space were revealed by modulating
specific proteins within the motility machinery using cytoskeletal drugs, which further
clarified their interactions and created a consistent model of force balance in keratocytes.
The power the results presented here relies not only in the specific measured forces, but
especially in their cohesive combination, resulting in a comprehensive picture of the force
generating interacting mechanisms in the model system of keratocytes.
In the background chapter the main components of the cytoskeleton are introduced,
current comprehension of the actin cytoskeleton and its mechanism are described, and an
overview of actual research on keratocyte motility is given. After an in-depth description
of the used materials and methods, in the results chapter the newly developed force
measurement method will be introduced, followed by measurements on distinct regions
of the cells. How the circumstantial measurements in these regions can be associated to
underlying cytoskeletal processes will be discussed in the theory and discussion chapters,
where a complete picture of the model system is illustrated. In the conclusion chapter,
the obtained picture will be set into context, and an outlook will be given.
2
2. Background
Biological cells are the prototype of semiflexible polymer-machines, soft and highly dy-
namic, they vary in their physical parameters to fulfill different tasks. Shape and me-
chanical properties origin in different underlying cell structures, which are mainly de-
termined by a highly dynamic cytoskeleton, consisting of various biopolymers. These
biopolymers can be considered from a physicist point of view as elastic rods with different
viscoelastic properties, which predestines them different tasks to fulfill. The cytoskeletal
structures are enclosed by a highly flexible semifluid lipid bilayer, the plasma mem-
brane, which defines the cell against its surroundings. Although various membrane and
transmembrane proteins are responsible for different signaling pathways (chemical and
mechanical), which are important for the cells to communicate with their environment,
the plasma membrane itself provides almost no mechanical support for the cell. A mul-
titude of different functional cytoskeletal structures in animal cells are build up of three
polymer types: actin, microtubules, and intermediate filaments. The organizational flex-
ibility of the cytoskeleton permits a cell to assume many shapes and to vary them easily.
In moving cells, the cytoskeleton must assemble rapidly, thus beside the biopolymer’s
mechanical properties their dynamic properties and organization are important, which
is supported by associated regulatory and motor proteins. The continual reorganization
is the essence of life itself as it underlies the changes in cell morphology and migration
that shape the organism. Due to evolution many cells use a common set of molecular
components, however, even in cells with different molecular cytoskeletal proteins, the
same organizing principles with other proteins but similar functions can be found, e.g.
nematode sperm which crawl just as other eukaryotic cells, using a cytoskeleton based on
major sperm protein (MSP), which is entirely different from actin (Roberts & Stewart,
2000). The analysis of a specific cell type often provides insights into general mecha-
nisms which apply to many other cells. The interplay of general principles in a simple
motile system, keratocytes, is investigated in the presented work.
The following chapter first gives an overview about the most important components in
eukaryotic cells. Furthermore, some known mechanisms of interaction are summarized
and finally, current physical models on cell motility or involved procedures especially of
keratocytes are introduced and open questions will be highlighted.
2.1. The Cytoskeleton
The cytoskeleton is a dynamic three-dimensional protein polymer network associated
with motors and accessory proteins that fills the viscous content of the cell. It de-
termines the cell’s shape, provides structure and mechanical strength and is in various
animal cell types formed by three primary polymer systems: actin filaments, often called
microfilaments (F-actin), microtubules and intermediate filaments. A multitude of func-
tional cytoskeletal structures and shapes depending on the cell type and function in
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the organism are build of these polymers. Far from being static these polymer sys-
tems undergo continual turnover and rearrangement often utilizing physical laws in an
optimized way. The different filaments are build of different subunits, proteins which
non-covalently bond and self-assemble (polymerize). These proteins are folded polypep-
tides, long chains of covalently bound amino acids, and as such highly flexible. The
stiffness of the polymers is thus largely determined by architecture rather than by the
mechanical properties of the constituents.
2.1.1. Semiflexible Filaments
The differences in architecture, in particular the diameter of the three filament types,
results in large differences of the their mechanical properties, most notably of their
stiffnesses. The shape of a filament can be described with a parametrized set of tangent
vectors ~u(s) at positions s along the filament as illustrated in Fig. 2.1.
Brownian motion causes directional fluctuations of the tangent vectors, which become
uncorrelated with increasing distance along the filament. The more flexible the filament,
the shorter is the distance where these vectors become uncorrelated. The persistence
length Lp is a measure for the characteristic distance along the polymer chain over which










where the average is a time average. The ratio of persistence length Lp to contour
length L classifies filaments by their appearance in realistic situations, although it is
not an intrinsic property since the contour length is not an intrinsic filament prop-
erty. Recent findings suggest that the filament length itself can influence the persistence
length of, e.g., microtubules (Pampaloni et al., 2006). For the biopolymers in cells,
contour lengths are microns to tens of microns, whereas persistence lengths vary by or-
ders of magnitudes from nanometers to millimeters, defining the flexibility of filaments
(Fig. 2.2). The flexibility of the biopolymers thus varies as well, therefore enabling the
cell to create subcellular structures with a broad spectrum of mechanical properties and
functionalities.
The dynamic of the cytoskeleton allows the network to rapidly assemble and disas-
semble. Besides a great variety of network regulatory proteins present in the cell, this
polymer turnover is associated with hydrolysis of the nucleotide ATP (adenosine triphos-
phate) to ADP (adenosine diphosphate) and phosphate, for actin and GTP (guanosine










Figure 2.1: The persistence length, LP , quan-
tifies the stiffness of a polymer and is defined
as the length at which thermal fluctuations be-
come uncorrelated. These are described with
tangential vectors ~u(s) at positions s along the
filament. Taken from (Stuhrmann, 2009).
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cellular respiration, ATP is constantly introduced into the system. The cytoskeleton can
be defined as an open system out of thermodynamic equilibrium, due to the material
influx and the dissipation of chemical energy by filament turnover and motor movement,
i.e. active processes. An overview of the biopolymers in eukaryotic cells is given in
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Figure 2.2.: The three components of the eukaryotic cytoskeleton are intermediate filaments,
microtubules and actin filaments. All are of nanometers in width and micrometers in length,
as illustrated by micrographs and sketches. The polymers are classified by filament stiffness to
flexible, semiflexible, or rigid rod-like, determined by the ratio of persistence length Lp, which
differs by orders of magnitude between filament types, and filament length L. Adapted from
Alberts et al. (2002); Moores et al. (2006); Kreplak & Fudge (2007).
Intermediate Filaments
The name refers to the fact that their diameter of about 8–10 nm is intermediate between
that of actin filaments and microtubules. They appear as rope-like filaments with a per-
sistence length of several hundred nanometers and are typically several micrometers long,
thus very flexible. There are about 70 different genes coding for various intermediate
filament proteins, and the basic units of intermediate filaments depend on the cell type,
however many animal cell types do not even contain intermediate filaments. Actually,
several cells can grow, divide and differentiate in culture without any known cytoplasmic
intermediate filaments present. Intermediate filaments do not perform highly dynamic
behavior, once they are polymerized they do not depolymerize under physiological con-
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ditions (Zackroff & Goldman, 1979). Furthermore, they do not bind a nucleotide and
are not known to serve as tracks for motor proteins. Intermediate filaments serve mainly
a structural supportive role in cells and are not known to be involved in cell movement
(Lodish et al., 2000), a process which requires rapidly reorganizing polymers. Due to
their specific properties, they are unlikely to be capable of generating relevant (pushing
or pulling) forces and are thus not in focus of motility research, therefore, they will not
be considered in the following investigation.
Microtubules
Microtubules are cylindrical tubes, with 20–25 nm in diameter. They appear as rigid
rods, since their persistence length is in the order of millimeters, depending on filament
length (Pampaloni et al., 2006) which is typically 1–100 µm. The polymer is composed
of heterodimeric subunits with one α-tubulin and one β-tubulin. These heterodimers
build protofilaments in a head to tail fashion, which leads to polarized protofilaments,
and later to polarized microtubules. In cells, they are typically linked with their (−)-
end on a microtubule organization center (MTOC), next to the nucleus, and extending
to the periphery. Microtubules play an important role in intracellular molecular trans-
port processes since they serve as rails on which molecular motors such as kinesin and
dynein carry cargos. Due to their stiffness, they act as a scaffold to determine cell shape,
but also play an important role during cell division, where they form the mitotic spin-
dle for separating the replicated chromosome sets (Lodish et al., 2000). Microtubules
generally display the remarkable property of dynamic instability, meaning subunits are
constantly polymerized and depolymerized. This procedure can undergo abrupt transi-
tions between phases of very rapid depolymerization (’catastrophe’) and polymerization
(’rescue’) (Mitchison & Kirschner, 1984).
In general a contribution to cell motility can not be excluded, since they are able to
generate considerable forces. In some motile systems, notably migrating neuronal growth
cones, the microtubule cytoskeleton is considered to be responsible for protrusion force
production and establishment (Ehrlicher, 2007), a role which is commonly assigned to
the actin cytoskeleton exclusively . However, in general they seem to play a minor role
for cell movement. In keratocytes, they are distributed around the nucleus, but lamellar
fragments of keratocytes lack microtubules and still move undamped, which underlines
that microtubules are not necessary for keratocyte protrusion (Verkhovsky et al., 1999b).
Since the main focus of this work is on protrusion force generation, microtubules will
not be further considered.
Actin Filaments
Actin filaments are fine, thread-like protein fibers, with 3–6 nm in diameter, and typically
between 0.5 and 50 µm long. Their persistence length (≈ 9 µm) is in the order of filament
length, thus actin filaments, sometimes called microfilaments, are semiflexible polymers.
Actin is one of the most ubiquitous proteins in nature, expressed in nearly all eukaryotic
cells. Sequencing from different sources, such as from amebas and from animals, which
are identical at 80 % of the positions, revealed that actin is one of the most conserved
proteins in cells. Vertebrates have six actin genes, which encode four α-actin isoforms
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present in various muscle cells and β-actin and γ-actin isoforms present in nonmuslce
cells. Although they differ at only four or five positions, the isoforms have different
functions, associated with contractile structures, filaments in stress fibers, or at the
front of moving cells where actin polymerizes. Actin exists as globular monomer called
G-actin and as filamentous polymer called F-actin, which is a linear chain of G-actin
subunits. G-actin appears almost globular, but consists of two lobes separated by a
deep cleft, containing a Mg2+ ion complex bonding to a nuleotide, ATP (adenosine
triphosphate) or ADP (adenosine diphosphate). It has a weight of 42 kDa and consist of
375 aminoacids. Actin filaments appear as long, flexible, and twisted strands of beaded
subunits; one repeating unit consists of 28 subunits (13 turns of the helix), covering a
distance of 72 nm (Lodish et al., 2003).
The property of this protein to polymerize and depolymerize highly dynamic is prob-
ably its most important ability, which ensures the cell to accomplish a dynamic polymer
scaffold responsible for morphology, dynamics, and functions. Subunits of G-actin as-
semble into F-actin in three sequential phases. First, in the nucleation phase G-actin
aggregates into short, unstable dimers and oligomers until a certain length is reached
and the oligoners can act as stable seeds. During the second, the elongation phase,
these oligomers rapidly increase in length by addition of actin monomers to both of its
ends, however all subunits point toward the same end of the filament, which causes a
polarity of the filament. After ATP-G-actin monomers are incorporated into a filament,
subunits slowly hydrolyze ATP to ADP and Pi and become stable ADP-F-actin, which
has a reduced binding affinity to its neighboring monomers in the filament (influenc-
ing the reaction kinetics). The steady-state phase begins, when equilibrium is reached
between filaments and monomers. G-actin monomers exchange with subunits at the
filament ends, but there is no net change in total mass of filaments, the concentration
of unassembled subunits in this phase is called the critical concentration Cc (Carlier
et al., 1985; Pollard, 1984). The critical concentration measures the concentration of
G-actin where the addition of subunits, given by association rate kon (in s−1µM−1)
is balanced by the dissociation of subunits, given by rate koff (in s−1) and is defined
by Cc = koff/kon. The chemical dissimilarity of the two ends defines a pointed, or
(−)-end and a barbed, or (+)-end, which differ in their critical concentrations values
Cc (≈ 0.1 µM for the barbed end and ≈ 0.8 µM for the pointed end), thus exhibiting
different rates at which ATP-G-actin adds (the (+)-end elongates 5–10 times as faster
than the opposite (−)-end). This causes the remarkable phenomenon of filament tread-
milling, which was first predicted by Wegner (1976). The monomer association depends
on the actual concentration surrounding the filaments end and determines weather the
filament grows at both ends or shrinks at one or both ends. If the G-actin concentration
is intermediate between the Cc values for the (+)- and the (−)-ends in the steady-state
phase, subunits continue to be added at the (+)-end and dissociate from the (−)-end.
In this situation, the length of the filament remains constant, with the newly added
subunits traveling through the filament, until they dissociate at the (−)-end, as if on
a treadmill. The dissociated ADP-G-actin monomers change their nucleotide, due to a
higher binding affinity to ATP and can bind again at the (+)-end.
This highly dynamic actin turnover mechanism plays an important role in cell motil-
ity. In cells (+)-ends are directed to the cell front and polymerization pushes against
the membrane, whereas depolymerization of the filament occurs toward the rear. In
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Figure 2.3.: Associated with different functions and types of cellular force, actin structures
have a variety of architectures. Stresses typically encountered by these structures are illustrated
with arrows (red, compression; green tension). (A) Branched actin filament network, pushing
e.g. against the plasma membrane encounters an inward force of compression. (B) Filaments
bundled into filopodia, in this case linked by fascin, encounter similar forces by the membrane.
(C) Entangled network, involving e.g. filamin as crosslinker, carry tension loads in multiple
directions. (D) Stress fibers formed by bundled filaments and myosin minifilaments, generate
tension, also transduced to the extracellular matrix by cell adhesions. Taken from Fletcher &
Mullins (2010).
vitro actin solutions display filament treadmilling velocities of ≈ 2 µm/h(Wiesner et al.,
2003). However, keratocytes, for example achieve migration velocities more than two
orders of magnitude higher (≈ 1 mm/h) than predicted with filament treadmilling. In
cells, several accessory proteins optimize polymerization rate by maintaining high con-
centration of applicable monomers above its Cc (Carlier et al., 1997). For example,
calculations based on the Cc of G-actin reveal that a typical cytosolic total actin con-
centration (0.5 mM), and the ionic conditions of the cell indicate that nearly all cellular
actin should exist as filaments and there should be very little G-actin. However, 40
percent of actin in an animal cell is unpolymerized, due to several actin-binding proteins
that either promote or inhibit actin polymerization (Lodish et al., 2003). The cellular
regulatory mechanism includes also several proteins which regulate the highly dynamic
actin structures, such as stable bundles and networks (Fig. 2.3). Some important acces-
sory proteins related to actin polymerization and network assemble are summarized in
the next paragraph.
Actin Associated Proteins
Several accessory proteins support or initiate polymer assembly and disassembly and
control highly dynamic actin structures, such as stable bundles and networks. Cross-
linking proteins are required to establish stable tangled networks to build higher order
cellular structures with distinct functions. The assembly, length, and stability of actin
filaments are controlled by specialized actin-binding proteins that can sever filaments
or cap the ends or both. During polymerization, the initial nucleation phase is highly
unfavorable and slow, thus supported by different proteins such as the Arp2/3 protein
complex (Pantaloni et al., 2000), formin (Pollard, 2007) and spire (Quinlan et al., 2005).
Arp2/3 creates new filaments as branches on existing filaments, formin and spire mediate
assembly of long unbranched filaments. The most common, Arp2/3, localized with
elevated concentrations at the leading edge of migrating cells (Svitkina & Borisy, 1999),
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is a branching agent, producing dendritically branched actin networks with fixed angle
of 70% between branching filaments (compare Fig. 2.7). These, in turn, have to be
activated by other proteins, such as the WASp/Scar family proteins (e.g. N-WASp),
which are natural activators in eukaryotic cells. A variety of capping proteins terminate
the elongation of filaments. Enriched at the leading edge of migrating cells (Iwasa &
Mullins, 2007), they play an important role in regulating actin based motility. On
the one hand, controlled capping enables filament length adjustment (Xu et al., 1999),
affecting the the mesh size of network and prevents growing filaments touching the cell
membrane, from reaching their persistence length Lp of 9 µm (Isambert et al., 1995)
which would buckle filaments and compromise efficient pushing. On the other hand, due
to capping filaments treadmilling, the monomer concentration increases relatively and
non capped (+)-ends hence grow faster, enhancing network propulsion (Le Clainche &
Carlier, 2008).
Another group of proteins, controlling the length of actin filaments by breaking them
into shorter fragments and generating new filament ends for polymerization, are severing
proteins such as gelsolin and cofilin. ADF/cofilin are also enriched at the leading edge
of migrating cells (Svitkina & Borisy, 1999; Iwasa & Mullins, 2007), and promote de-
branching and depolymerization, causing an increase in the supply of monomeric actin
and thus increasing actin turnover. Profilin, a small protein which binds specifically
ATP-G-actin, catalyzes the exchange of ADP for ATP, refilling the pool of ATP actin
monomers bound to profilin, ready for elongation. Furthermore, profilin interacts with
membrane components taking part in cell-cell signaling. To form a tangled network
of filaments, several cross-linking proteins are required to assemble filaments into stable
network and bundles. Depending on their structural properties and organization of actin
binding sites these proteins determine whether they organize filaments into bundles or
networks. Fimbrin and α-actinin, where the binding sites are arranged in tandem, ar-
range the bound actin filaments tightly packed and aligned into bundles in cell adhesion
and extensions such as filopodia, lamellipodia, stress fibers, adhesion plaques (Lodish
et al., 2003).
Filamin, which’s binding sites are spaced apart, can form cross-links between or-
thogonally arranged and loosely packed filaments (filopodia, pseudopodia, stress fibers).
Fascin is found in many actin bundles including stress fibers and cell-surface microvilli,
and is responsible for maintaining the rigidity of actin bundles. Large networks can thus
be formed and fill the cytoplasm, giving it a gel-like character. These proteins also bind
membrane proteins, thus the networks are generally found in the cortical region adjacent
to the plasma membrane (Lodish et al., 2003).
A coherent qualitative picture of the interplay of these proteins and how they generate
force due to polymerization pushing against the plasma membrane exists – the array
treadmilling model (further described in Sect. 2.2.1). An overview of some different
architectures of actin filament structures is given in Fig. 2.3, and described in more
detail in Sect. 2.1.2.
Molecular Motors
Another important force generating mechanism is related to molecular motors, an im-
portant protein class, which are able to convert chemical energy into mechanical work.
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Large families of molecular motors are associated with actin filaments (myosins) and mi-
crotubules (kinesins, dyneins) (so far no motors are known for intermediate filaments).
Powered by hydrolysis of the nucleotide ATP, the step-wise movement along a filament
is an important mode of mechanical work generation. The movement along a polymer is
directed toward a specific end (most myosin toward (+)-end of actin filament; kinesins
toward (−)-end of MT). The filaments are used as tracks for the molecular motors, to
transport cell components (proteins, organelles, vesicles) in a targeted manner. The
cargo can also be another filament thus the filaments are slided relative to each other
(Lodish et al., 2000).
In the following, actin related myosins will be introduced in more detail. All myosins
(superfamily ≈17 different forms) consist of one or two heavy chains and several light
chains, which generally have a regulatory function. A characteristic organization is found
in all myosin heavy chains, including a head, a neck, and a tail domain as illustrated
in Fig. 2.4A. The catalytic head domains have ATPase activity, are thus responsible for
force production and can bind to actin filaments. The neck domain, the linker, acts as a
lever arm for transducing the generated force and varies for different myosins in length,
which generally results in different step sizes, due to different lever arm lengths during
their power stroke movement (Sakamoto et al., 2005). The functional role of a particular
myosin in vivo is related to its tails domain and determines whether the myosin binds
the plasma membrane, or intracellular organelles or either to other myosins, or other
actin filaments.
Figure 2.4.: Myosin structure and function. (A) Three representative structures of the myosin
superfamily, composed of a head, neck and tail domain. The head domain interacts with actin
and is responsible for force production by cyclic ATP hydrolysis. The neck domain transduces
these forces and the tail domain mediates interaction with a cargo. Taken from Lodish et al.
(2000). (B) Illustration of the myosin power stroke. Upper panel: One head of a myosin (red)
binds to an actin subunit (blue) within the actin filament (green). Lower panel: Conformational




The movement of a myosin molecule along an actin filament is accomplished by a
cyclical mechanism of binding ATP, attachment to the actin filament, ATP hydrolysis,
and detachment of myosin and actin. The ATP hydrolysis and the subsequent release
of the phosphate group causes a conformational change of the molecule, which change
the angle of the motor domain (head and neck) thus pulling against the filament (power
stroke, see Fig. 2.4B). Repetition of this mechanism leads to a net movement along the
filament. One cycle takes 10–100 ms and is regulated by several regulatory enzymes and
mechanisms (Tyska & Warshaw, 2002).
The best understood are myosin I, II and V, which are present in nearly all eukaryotic
cells illustrated in Fig. 2.4. For example, myosin V moves 30–40 nm per step due to
its much longer neck region than myosin I which moves 10–15 nm per step. Both are
localized to cellular membranes in their tail domains by undetermined sites and take
part in cytoskeleton–membrane interactions, such as the transport of membrane vesicles.
Myosin II, which moves 5–10 nm per step, interacts with actin filaments and powers
filament sliding for example in muscle contraction. Their coiled-coil tail domains can
pack side by side and form bipolar thick filaments or minifilaments, consisting of a few
to hundreds of individual motors, from which the heads project at both ends of the
filament and are separated by a central bare zone. These minifilaments are critical
part of the contractile apparatus in muscle cells, but also in non muscle cells they
are crucial to myosins contractile function, as they allow many myosin head domains
to interact simultaneously with actin filament and to exert pulling forces. Thus they
play an important role considering force generation for cell motility. The functionality of
myosin II depends among others on the enzyme myosin light chain kinase (MLCK), which
in turn has to be activated by Ca2+. By phosphorylating the myosin light chain, the
enzyme enables the myosin crossbridge to bind the actin filament and allow contraction
to begin (Lodish et al., 2003).
Adhesion Sites
The cytoskeleton adheres to the substrate, respectively extracellular matrix (ECM) by
different adhesion sites. The contacts are highly specific and play an important role,
since both regulatory signals and mechanical force are transmitted. Therefore they
are necessary to exert the generated force externally and convert into forward motion.
Transmembrane cell adhesion molecules compile cell–cell adhesion or contact the cell to
extracellular matrix molecules (laminin, fibronectin) (Lodish et al., 2003).
Cells attach the surface not continuously, but only at specific locations with individual
contacts, determined by several factors, such as substrate biochemical and mechanical
properties, tension in the cell and cell type. Their spatiotemporal distribution varies
between cell types and within cell surface. Integrin-mediated dot-like adhesion sites
called focal complexes, less than a micrometer in size are established at the cell front
under lamellipodia and filopodia, where they support protrusion, continuously formed
and turned over (Zaidel-Bar et al., 2003). Some focal complexes elongate into large,
stable macromolecular assemblies, focal adhesions, by recruiting many more proteins,
and remain stationary with respect to the extracellular matrix, finally used as anchor on
which the cell can push or pull itself over the ECM. During the cell progresses, a given
focal adhesion moves closer to the trailing edge where it must be dissolved. Inside, a
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Figure 2.5: Sketch of a focal adhesion site. The
actin cytoskeleton is connected to the extracellular ma-
trix, mediating force transduction and mechanosensing.
Transmembrane integrins bind to actin via talin and
vinculin. Illustration modified from Ross.
dense submembraneous cluster called adhesion plaque, links the adhesion receptors to
the contractile structure of the lamella (Bershadsky et al., 2003) via association with
stress fibers as illustrated in Fig. 2.5, supporting the retraction of the cell’s rear. Focal
adhesions also provide sensory functions for the cell with respect to the condition of the
extracellular matrix and thus affects cell behavior.
2.1.2. Cytoskeletal Organization
Organized by associated and regulatory proteins, these biopolymers build cytoskeletal
networks, which are the basis for cell motility. Although cells vary substantially in their
features and structures, common patterns occur. The distribution of these bioploymers
is shown for three different eukaryotic cell types in Fig. 2.6. The peripherical moving
and sensing part of a neuron, the growth cone, a fish keratocyte, and a mouse fibrob-
last. Fluorescent micrographs of microtubules and F-actin labeled cells are shown, and
corresponding sketches of cytoskeletal protein distributions.
Intermediate filaments are mainly distributed around the nucleus (not shown in the
growth cone). Microtubules span through the cell central area and play in general an
important role during mitosis. In neurons, they are distributed within the dendrites,
but build only the stomp of a neuronal growth cone and are not distributed within its
periphery, in keratocytes, they are distributed in the cell body, but not in the lamellum,
and in fibroblasts they spread from the center to the periphery, but not until the leading
edge.
For cell stability and motility, the actin cytoskeleton and associated proteins are essen-
tial elements, e.g. for extension, contraction and cytokinesis. As described above, actin
filaments are organized in various specific arrangements. Designated actin structures
are found at the front or edge of the motile systems and are associated with protrusion.
As illustrated in the sketches in Fig. 2.6, actin and associated proteins are colocalized,
such as myosins are generally distributed at the rear of actin distributions and Arp2/3
at the leading edge (Svitkina et al., 1997).
In the neuronal growth cone finger-like structures at the leading edge, filopodia, formed
by bundles of parallel actin filaments, are most notably found, but they are also present
in epithelial cells and fibroblasts. These thin (< 200 nm) structures contain receptors of
diverse signaling molecules, which allow signal transduction to probe the environment
chemically and mechanically (Steketee & Tosney, 2002). Typically, filopodia extend 3–
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Figure 2.6.: Fluorescent stains of cytoskeletal polymers of a neuronal growth cone, a keratocyte,
and a mouse fibroblast and sketched distributions of cytoskeletal proteins and associated proteins
essential for migration. Taken from Koch (2007).
13
2. Background
10 µm from the lamellipodial edge and reach deep into the lamellipodium and lamellum,
where their filaments splay to merge with the network (Svitkina et al., 2003).
Lamellum and lamellipodium are thin asymmetrically polymerizing sheet-like struc-
tures, consisting of a dense actin filament network. These structures can be found in
many cell types, most prominent in keratocytes, which are the fastest cells and therefore
often used for cell motility studies. The key characteristics of these regions relevant
for protrusion in fibroblasts have been defined in the 1970’s (Abercrombie et al., 1971).
The steering front at the leading edge, the lamellipodium is a very thin structure (100–
200 nm) and extends towards the cell center (1–5 µm) depending on cell type. Behind the
lamellipodium, further into the cell, the structure becomes a little thicker (> 200 nm),
the lamellum takes over and extends to the cell body. The lamellipodium is devoid
of organelles (Abercrombie et al., 1971), but consists of a dense dendritically branched
network, the short filaments sprout as side branches from each other. The lamellum
behind it, shows a step increase in filament length and no branching but enhanced cross
linking proteins occurrence, compare Fig. 2.7. Electron microscopic images reveal these
distinctive structures in keratocytes: whithin 1–2 µm behind the front a fine criss-cross
pattern can be seen, different from rather aligned structures behind (Svitkina et al.,
1997).
Lamellum and lamellipodium differ in molecular composition: While Arp2/2 complex
and ADF/cofilin, a branching and a severing protein, dominate the leading area, the
proteins tropomyosin and myosin II bind the network exclusively in the lamellum (Iwasa
& Mullins, 2007). In Xenopus keratocytes a distinct distribution could be found. Arp2/3
mainly occurs at the cell front and is responsible for integration of nascent actin filaments
into the actin network, whereas ADF/cofilin is absent at the narrow marginal zone, but
occurs at the rear of the lamellipodium and promotes filament disassembly, acting as
antagonist to Arp2/3 (Fig. 2.7). The intensity of actin staining is maximal at the leading
edge and gradually decreases toward the cell body (Svitkina & Borisy, 1999), reversely
is the filament’s length distribution, which increases toward the cell body (Huber et al.,
2008). Fig. 2.7 also shows myosin II in fish keratocytes to be mainly distributed in the
rear lamellum and forms distinct spot like accumulations (Svitkina et al., 1997).
The lamellipodium is only weakly adherent, but at the junction to the lamellum strong
adhesion begins (Izzard & Lochner, 1976). Keratocytes have been shown to possess a
broad band of highly dynamic close contacts along the leading edge and can also form
small focal adhesions (Lee & Jacobson, 1997). Lamellum and lamellipodium therefor
exhibit also different kinetics (polymerization and depolymerization) and kinematics
(movement with the substrate). In speckle microscopy, epithelial cells exposed at the
very leading edge rapid flows about 1–3 µm backwards, which abruptly disappeared
towards the cell center (Ponti et al., 2004). Behind this band of depolymerization,
which coincides with the region of the first stable adhesions, F-actin assembles and
disassembles slowly. However, proportions and characteristics of the subregion vary
between cell types. In keratocytes the existence of a network depolymerization center
could neither be confirmed nor rejected, conducted feature tracking studies yield net
kinetics, but cannot extract the contribution of polymerization and depolymerization
individually (Schaub et al., 2007).
Due to their difference in structures, lamellipodium and lamellum also differ in their
mechanical properties, relevant for theoretical description. The lamellipodium can be
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Figure 2.7.: Keratocyte’s lamellum and lamellipodium molecular composition and structure. (A)
Actin (cyan) and myosin II (red) distributions of fish keratocytes are revealed by fluorescence
microscopy. Intensity profiles indicated within the cell area are shown below, reveal reverse
gradients of actin and myosin II. (B) In Xenopus keratocytes double stains for ADF/cofilin
(green) and actin (red) reveal a distinct distribution, as shown in the enlarged region close to the
edge (b), and in the intensity profile (c) showing that ADF/cofilin is excluded from the narrow
zone at the extreme leading edge. (C) Double stain of Arp2/3 complex (green) and actin (red)
in Xenopus keratocyte lamellipodium reveals localization at the edge. (D) Electron micrographs
of detergent-extracted fish keratocytes, enlarged in (b) reveal the organization of actin filaments
in lamellum and lamellipodium from the transitional zone (left) to the leading edge (right). (c)
Areas indicated reveal a brushlike zone at the leading edge with numerous filament ends and
(d) a smooth actin filament network in the middle part of lamella. Taken from Svitkina et al.
(1997); Svitkina & Borisy (1999).
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Figure 2.8.: General principle of crawling cell motion. The cell extends a protrusion at the
leading edge, then adheres its leading edge to the surface and deadheres at the cell body and
rear. Contractile force move finally the cell body forward. In keratocytes these concerted events
appear as smooth, fast gliding. Taken from Ananthakrishnan & Ehrlicher (2007).
considered as semiflexible region, due to untangled filaments, whereas the lamellum
behind which consists of longer, crosslinked filaments can be described as a viscoelastic
gel.
However, the actin cytoskeleton is not restrained to the protruding edge. Actin fil-
aments also form stress fibers, actin bundles interspersed with myosins. They span
through the cell, commonly involving the nucleus as shown in the micrographs for fibrob-
last and keratocytes in Fig. 2.6 and are able to generate tension against cell adhesions
to the extracellular matrix. Therefore traction forces can be transduced to the environ-
ment. In keratocytes actin bundles span orthogonal to their direction of movement from
one flank to the other. Considerable traction forces in these regions have been measured
before (Lee et al., 1994), as further described in Sect. 2.2.3.
2.2. Cell Motility
The actin cytoskeleton is by no means static, the filaments in a cell are constantly
shrinking or growing, bundles and networks are continually forming and dissolving. This
organizational flexibility permits the cell to change shape and to move, however, the in-
terplay of mechanisms and organizing principles enabling cells to generate the necessary
forces to move remain unresolved. Eukaryotic cells show different kinds of movement
such as swimming of sperm cells, or amoeboid migration with two subtypes, blebbing
and pseudopodial movement (Friedl & Wolf, 2010). However, in animal cells, crawling is
the most employed mechanism, relying on complex interaction of the cytoskeletal com-
ponents. Crawling can be divided into general steps as illustrated in Fig. 2.8: protrusion
of the leading edge and adhesion, deadhesion at the rear, and contraction pulling the
cell body forward. Various cell types, including fibroblast, epithelial cell and neuronal
growth cones fulfill their specific biological roles by this mechanism, although their types
of movement are very distinct and optimized to their specific environment.
As mentioned before, the existence of fragments, consisting of no more than lamel-
lar cytoskeletal structures, are able to move independent (Euteneuer & Schliwa, 1984),
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which demonstrates that this machinery alone is able to generate forces to propel it-
self. Although physiologically regarded fragments are rather exotic, from a physicist’
point of view, they are autonomously moving polymer machines. Which processes are
driving these small units, and which importance they have in whole cell motion re-
mains unresolved and is the core issue of the presented work. The underlying dynamic
organizational principles which drive cell motility are in focus.
Several measurements of motile cells identified some mechanisms and phenomena in
cell motion, but the interplay of the underlying processes is not finally resolved. Up to
date, most in-vitro investigations are accomplished in 2D environments, which might
lead to artefacts, because the natural environment of most cells is a soft 3D tissue.
Nevertheless, keratocytes naturally move on hard 2D substrate, the scale. In the follow-
ing, I will first introduce some features of cell crawling and involved components, then
summarize some modeling approaches of protrusion and traction possibly relevant for
keratocyte crawling, and then describe current picture of keratocyte motility.
2.2.1. Molecular and Cellular Dynamics
Cellular systems are at low Reynolds number which means the system is mechanically
overdamped and inertia does not play a role. Therefore, a continuous production of
propulsive force is essential, which is supplied by the cytoskeletal components. In general,
the molecular organization has to create some pushing or pulling mechanism to generate
force. All cell movements are mechanical work and require a fuel (ATP) and proteins
that convert the ATP stored energy into motion.
For directional move, a controlled material transport has to be ensured. Assembly
and disassembly of actin filaments and microtubules is responsible for many changes in
cell shape, and therefore able to generate considerable forces. Motor proteins slide along
filaments and carry organelles and vesicles, but also shift filaments relative to each other,
generating traction.
Array Treadmilling Model A qualitative description of actin dynamics during cell edge
protrusion is provided by the array treadmilling model, illustrated in Fig. 2.9 (Pollard
et al., 2000). Pure actin solution treadmill is too slow to account for protrusion velocities
observed in motile cells. A rapidly accelerated network disassembly is crucial for main-
taining a highly concentrated pool of actin monomers. The cell’s lamellipodium could
not protrude with the rates observed, without proteins supporting several processes.
The Arp2/3 complex provides nucleation of new filaments as branches of existing fila-
ments, but soon after branch nucleation, most of the filaments are constantly capped by
capping proteins. Long filaments, which would buckle under load and could not push
efficiently, are therefore prevented, and the cell can selectively funnel polymerization
and advancement. Further back in the network, ADF/cofilin debranches and severs
filaments and enhances depolymerization from the minus-ends. Within filament aging,
actin hydrolyzes nucleotides and release phosphate. To polymerize again at the plus end,
the monomeric actin has to change the nucleotide (ADP→ATP), which is accelerated
during diffusion to the front by the catalyzing protein profilin. Further implementation
of filament stabilization by tropomyosin, filament annealing, and myosin–contraction
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Figure 2.9.: Sketch of the array treadmilling model. The organization of actin dynamics is
illustrated stepwise, including several network modulatin proteins. Modified from Pollard (2003)
associated network disassembly complete the picture. However the array treadmilling
model remains of qualitative nature, and leaves several questions open.
Traction and Retrograde Flow Directed migration requires transmission of force to
the environment, which is applied by adhesions sites. The origin of traction stresses
is thought to be applied by the cytoskeleton due to actomyosin interaction. Traction
stresses transmitted to the substrate have been measured before on keratocytes (Burton
et al., 1999). On elastic gel substrates keratocytes generated and transmitted the largest
traction forces perpendicular to their direction of motion in the lateral flanks and in the
back of the cells (Oliver et al., 1999). Under the lamellum, smaller stresses have been
detected with a change in direction in the transition zone to the body (Galbraith &
Sheetz M. P., 1999). Furthermore, they measured considerable forces on keratocytes
dorsal surface by fibronectin–coated beads in an optical gradient trap. During protru-
sion, many cell types have been observed to exhibit a rearward movement of actin with
respect to the substrate, the retrograde flow, which is opposite to direction of protrusion.
In keratocytes, enhanced phase contrast microscopy and fluorescent speckle microscopy
analysis revealed a retrograde flow throughout the lamellum of keratocytes with an in-
creasing gradient towards the wings, the sides of the lamellum (Vallotton et al., 2005).
Two independent mechanisms are proposed for generating retrograde flow, which are
associated with either decreased or increased traction force production (Jurado et al.,
2005). Since upon treatment with MLCK inhibitor (ML-7, see Sect. 3.1.2), keratocytes
showed a reduced contractility and adhesiveness, but opposite effects in fast moving
cells were found (in comparison to slower cells). Fast-moving cells showed a decrease
in protrusion and cell speed, but increased retrograde flow, whereas slow-moving cells




Considering the actomyosin interaction, the generation of retrograde flow could either
rely on force generation due to force balance between actin assembly and membrane
resistance, or on contraction forces (see Sect. 2.2.3) at the rear of the network.
Clutch Hypothesis The retrograde flow is related to actin polymerization at the leading
edge to maintain a continuous supply of F-actin and thus the integrity of the cytoskeleton
(Forscher & Smith, 1988). The balance between cell translocation rate and retrograde
flow can be described by the molecular clutch hypothesis (Mitchison & Kirschner, 1988;
Lin et al., 1994). Adhesion complexes determine the coupling of the cytoskeleton to
the underlying substrate. The clutch controls the degree of force transmission, enabling
the cell to move forward by exerting traction forces against the substrate. The engaged
clutch at the leading edge supports actin polymerization force to drive the cell forward,
whereas the released clutch results in an ineffective force transmission due to loose
coupling between cytoskeleton and substrate. Therefore, the clutch would determine the
relation between sticky or slippy behavior of the cell onto the substrate. The hypothesis
predicts slow moving cells to have a fast retrograde flow and generates low traction
forces, while faster moving cells should have a slow retrograde flow and strong traction
forces. An inverse behavior of retrograde flow velocity and protrusion rate is consistent
and was found in keratocytes (Jurado et al., 2005). However, traction forces at the
leading edge are relatively small possibly due to slippage. Alternatively retrograde flow
and detection of inward facing propulsive traction stresses in lamellipodial regions of
keratocytes (Galbraith & Sheetz M. P., 1999) are consistent with the raking hypothesis
of traction force generation (Harris et al., 1980). Traction forces are generated when
a contractile cytoskeleton that is mechanically coupled to adhesion sites, rakes inward
against the substratum.
It is likely that both adhesion raking and clutch slippage occur simultaneously in the
cell, which is supported by a biphasic relationship that exists between cell–substratum
adhesiveness and cell speed (Jurado et al., 2005), together with the inherent variation
in adhesiveness between cells.
In keratocytes focal complexes are found along the cell margin (Galbraith & Sheetz
M. P., 1999; Lee & Jacobson, 1997) and focal adhesions further back in the cell. The
distribution pattern of adhesion sites in keratocytes appears specific, with strong ad-
hesions particularly at the wings of the cell and weaker adhesions at the leading edge
(Jurado et al., 2005).
2.2.2. Protrusion of the Leading Edge
Mathematical modeling of cell migration promises advances in understanding this funda-
mental process. Accurate models allow to describe complex biophysical and biochemical
scenarios, and link the observed behavior of cells (shape change, speed) to the properties
of single molecules or modules of constituent proteins.
Different categories appear in modeling approaches, based on their level of approxima-
tion. Molecular or stochastic models use a microscopic approach to describe a system by
the activity of individual proteins and provide a mechanistic explanation of protein be-
havior. They describe the system by a set of deterministic reaction–diffusion equations,
which take into account the kinetics of chemical processes between agents and diffusional
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processes, and can be solved numerically or analytically deriving the spatiotemporal evo-
lution. Subcellular molecular ensembles rely on stochastic processes and can be modeled
by Monte Carlo simulations. In contrast, mesoscopic and macroscopic approaches build
on nonmolecular or continuum model which describe the dynamic cytoskeleton in terms
of bulk or averaged material properties of the cell and its environment.
Polymerization Driven Forces A well established microscopic model to describe pro-
trusion by actin polymerization force generation is the thermal ratchet theory. The
theory bases on a ratchet model with pawl (two heat reservoirs) described by Feynman
in one of his famous lectures (Feynman et al., 1966). Applied to biological systems it
specifies a discrete mechanism which explains how a polymerizing filament can generate
force against a resisting obstacle at the filament end by a Brownian ratchet (Peskin et al.,
1993). Thermal fluctuation at typical physiological temperatures can cause significant
movement, due to the small size of the system. Thermal motion of a load opposing
the filament creates a fluctuating distance between load and filament. When the gap is
large enough another monomer can slip in and bind to the plus end of the filament. The
obstacle can not move back anymore and the equilibrium point is shifted. Permanently
repeating this process at the membrane edge results in a forward movement of the mem-
brane if thousands of filaments are considered. Energy is consumed during the filament
elongation since ATP preferential binds to monomers and subsequently converts to ADP,
therefore the second law of thermodynamics is not violated. Actually the filaments do
not really push the membrane, but continuous elongation hinders the membrane from
moving back due to stochastic thermal fluctuations. To generate force and to move the
membrane forward, the actin filament has to be anchored to something else, therefore
they do not only use adhesion sites to push against the substrate, but also use the bulk
elasticity of the network behind them.
Several extensions of the model take more details into account, as the elastic Brownian
ratchet considers the flexibility of actin filaments and states that the filaments undulation
are already sufficient to create a gap large enough for monomer addition (Mogilner &
Oster, 1996). The force–velocity relation for a single working filament, can be described
by the elongation rate (Mogilner & Oster, 1996):




with the filament force Fw, the depolymerization velocity vdep = koff · l and the thermal
energy kBT given from the Boltzmann constant kB and the temperature T . For any load,
the free polymerization velocity vmax = kon · l · c has to be weighted with the probability
that the gap size is ≥ l, the size of a monomer. Here kon [µM−1s−1 ], and koff [s−1 ]
are rates of monomer assembly and disassembly, and c is the effective concentration of
G-actin monomers available for polymerization. In absence of a load force, filaments
would grow with the rate v = vmax − vdep. The model assumes the depolymerization
rate not to depend on the load, but the free polymerization rate is decreased by the
exponential Boltzmann factor, where Fw · l is the work done by a filament against the
load during monomer addition. Using typical values the actin filament stall force can be
estimated to be 3–7 pN. In good agreement, single actin filament stall force experiments
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reveal 0.5–2.5 pN (Footer et al., 2007).
Another important factor is the filament length L which is related to the effective





at angle θ to an obstacle, and dependent of the persistence length Lp. If the filaments
are too short (<70 nm) or the angle is too acute (<30 ◦), the filament is effectively too
stiff for the elastic ratchet to work and thermal fluctuations are insufficient to create a
gap large enough. On the other hand, if the filament is too long, it buckles even under
a subpiconewton forces and will be too soft (Mogilner & Oster, 2003).
The tethered Brownian ratchet model also includes transient attachment of filaments
to the obstacle, which then do not exert any force to the obstacle (Mogilner & Oster,
2003). Two populations then have to be considered, and the constant rates of branching,
dissociation, and capping determine their dynamics. The model predicts a biphasic
force–velocity relation as shown in Fig. 2.10.
The Brownian ratchet framework describes the salient behavior of a polymerizing
filament and provides reasonable estimates for the forces produced. In the case of Listeria
monocytogenes, a bacterial pathogen that harnesses the assembly and disassembly motor
of actin polymerization to power intracellular and intercellular movement, the brownian
ratchet model yielded a force–velocity curve that shows an exponential decay (McGrath
et al., 2003) as shown in Fig. 2.10.
A mathematical 2D model of the leading edge, covering the leading 10 µm of a ker-
atocytes’ lamellum, analyzes the relationship between the number of active filaments
and protrusion velocity (Mogilner & Edelstein-Keshet, 2002). Based on the dendritic-
nucleation hypothesis for lamellipodial protrusion (Pollard et al., 2000), considering
nucleation and growth of actin complexes as well as capping and depolymerization of fil-
aments, the analysis of the model derives a local maximum, therefore an optimal number
of uncapped barbed ends for rapid protrusion.
Other simulations focus on the filament pattern formed in lamellar regions (Maly &
Borisy, 2001). They proposed that contact of growing barbed ends with the plasma mem-
brane inhibits capping, favoring elongation of filaments growing toward the front and not
in other directions. The pattern therefore emerge by evolution and selection due to com-
petition between capping and branching and the model correctly reproduced the orienta-
tion distribution of filaments relative to the leading edge. A stochastic two-dimensional
simulation of every filament in a dendritic-nucleation model under the plasma mem-
brane expanded this description and time evolution including filament flexibility and
membrane fluctuations has been calculated (Schaus et al., 2007).
The force–velocity relation of growing actin networks are challenging for single-filament
protrusion models, because they do not take into account force-dependent network self-
organization. Branching structures close to a rigid obstacle have been modeled, using
variant of a kinetic rate model and predict differences in actin filament density and force–
velocity curves, depending on the exact nature of the biochemical interactions among
neighboring actin filaments (Carlsson, 2003). The force–velocity relation are sensitive to
the details of the generation process for new branches, such as the velocity depends on
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Figure 2.10.: Thermal ratchet principle, force–velocity relation model and experiment on Lis-
teria monocytogenes. (A) A polymerizing filament exerts force against the membrane due to
thermal fluctuation. The filament is anchored in the network and either the load or the fila-
ment can fluctuate causing repulse to the filament. (B) Modeling the tethered elastic ratchet
predicts a biphasic force–velocity relation, the velocity decreases rapidly at low loads and slowly
at greater loads. Taken from Mogilner (2006). (C) Upper panel: schematic of autocatalytic
versus nucleation-based branched processes. d: branching layer thickness; Θ: angle between
filament and growth direction. Lower panel: force–velocity relation based on autocatalytic and
nucleation models, with side and end branching. Vobst: obstacle velocity; Vmax: maximum free
velocity; Fobst: force exerted by filament on obstacle; a: step size along filament; taken from
Carlsson (2003). (D) Force and power spectrum of bacterium Listeria monocytogenes, taken
from McGrath et al. (2003).
the thickness of the branching region. In autocatalytic models, the generation rate for
new branches is enhanced by preexisting filaments and proportional to the number of
filaments in the branching region. A temporal slowdown of the network upon increase
of external pressure leads to a higher spatial density of nucleation events and hence a
denser actin network. The network growth is load independent, as shown in Fig. 2.10C,
and the force per filament retains its initial value. Autocatalytic models are able to well
describe in-vitro polymerization kinetics (Pantaloni et al., 2000). In nucleation models,
overall generation rate for new filaments is assumed to be independent of the number
of preexisting branches. However, the generated filaments subsequently attach to the
existing filament network and the orientation distribution of new branches are differen-
tiated in side- and end-branching, which show different drops of growth velocity with
decreasing branching rate (Carlsson, 2003) as shown in Fig. 2.10C.
Further refined models calculate the entropic force exerted by the Brownian fluctua-
tions of a grafted semiflexible polymer upon a rigid smooth wall. Including the polymer-
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ization kinetics of filaments and considering the angle with respect to the wall, it was
found that there is an optimal angle at which polymerization velocity is maximum. The
leading edge with not yet crosslinked polymerizing filament tips and rich spatiotemporal
dynamics was described as polymer brush (Gholami et al., 2006).
The macroscopic approach of modeling force production by actin polymerization is of
phenomenological nature. The actin network is treated as an elastic isotropic continuum
which simplifies analysis. Continuum models ignore local molecular properties in favor
of bulk mechanical properties, and examine the cytoskeleton as an active compressible
gel, able to store elastic energy. In case of Listeria monocytogenes’ motion, an elastic
model describes how filament addition and growth result in propulsive force and stresses
tangential to the network (Gerbal et al., 2000).
Field-theoretical approaches treat the cytoskeleton hydrodynamically as an active po-
lar gel of permanent energy consumption and describe it phenomenologically. Based
on conservation laws and symmetry considerations the properties of complex materials
can be captured on large length scales and long time scales. Generic dynamic equations
describe actin gels, consisting of polar filaments in the presence of motor activity, valid
in the vicinity of thermal equilibrium (Kruse et al., 2005). Dipolar force distribution
exerted by the cell on the substrate and retrograde flow existence have been described
by a simple two-dimensional calculation and derived flow and thickness profiles of lamel-
lipodium (Kruse et al., 2006).
A combination of a polymer brush model as introduced above and of active gel model
could provide adequate description of the force behavior presented in this thesis, and
will be introduced later in a separate chapter Sect. 5.1.
Hydrostatic Pressure In plants and fungi, it was found that hydrostatic pressure is
primarily driving cell motion (Harold, 2002), therefore the mechanism’ principle could
also play a role in animal cells. In several animal cells blebbing is observed, which is
thought to be initiated by rupture of the plasma membrane from the underlying cy-
toskeleton, followed by inflation of the detached membrane by intracellular fluid flow.
In blebbing cells non-equilibrium of pressure was found, leading to a local rupture of
membrane in regions of high pressure, driving localized protrusion in animal cells. Con-
sidering the cytoplasm as a contractile, elastic network infiltrated by cytosol, motion of
the fluid relative to the network generates spatially heterogeneous transients in pressure
field (Charras et al., 2005). Recent studies on keratocytes which have examined the
hydrostatic fluid flow field describe it as monotonically decreasing from the cell rear to
the front, with a minimum at the center of the cell front Keren et al. (2009).
2.2.3. Contractile Forces
Contraction by Molecular Motor Driven Force Dipols The family of the myosin
motor proteins is closely associated with actin filaments (as described before Sect. 2.1.1).
Myosins in general are not processive motors, i.e., it is not constantly bound to a filament,
but binds, pushes, and unbinds. They are able to contract actin bundles spanning
over regions within the cell, or networks, by sliding filaments relative to each other.
Located adjacent to the plasma membrane as a sheet or a belt, actin bundles or networks
interspersed with myosins, are able to generate contractile forces. Stress fibers end
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at integrin-containing focal adhesions and couple to the substrate, therefore allow the
cell to transmit stresses to its surroundings (Small & Resch, 2005). It was found that
myosin II pulls the rear of the lamellipodial actin network, causing upward bending, edge
retraction, and initiation of new adhesion sites (Giannone et al., 2007). In keratocytes
myosin II is concentrated in the convergence zone between lamellum and cell body.
Discrete clusters of bipolar minifilaments in lamella increase in size and density towards
the cell body and are colocalized with actin in boundary bundles. They are supposed
to be involved in cell body translocation (Svitkina et al., 1997; Anderson et al., 1996).
Myosins therefore play an important role as force generators, but also as crosslinker in
the actin network and are furthermore involved in cell adhesion.
Entropical Contraction by Depolymerization Contractile force that drives the ret-
rograde flow of actin may also arise from depolymerization of the actin cytoskeleton,
similar to what occurs in crawling nematode sperm cells (Miao et al., 2003; Wolgemuth
et al., 2005; Zajac et al., 2008). Cytoskeletal dynamics alone, unassisted by conven-
tional motors, are able to generate the central components of amoeboid locomotion
(Miao et al., 2003). The fundamental physics of this model treats the cytoskeleton as a
polymer network that is immersed in fluid. The energy for this system can be divided
into four parts: entropic mixing, counter-ion pressure, polymer elasticity, and polymer–
polymer interactions (Wolgemuth et al., 2005). The first two components of this energy
act to disperse the actin filaments, while the latter two cause the network to contract.
Competition between these effects leads to a preferred volume fraction of actin φ0 that
depends on the actin filament lengths and the density of crosslinks. So if the some of
the filaments depolymerize, then the cytoskeleton will contract to get back to volume
fraction φ0 (Zajac et al., 2008). A contribution of such forces to keratocytes motion
has not been considered so far. The retrograde force measurement presented later in
this thesis allow a comparison to such a model for the first time, and will be further
introduced in a separate chapter (Sect. 5.2).
2.2.4. Fish Keratocytes as a Prototype for Lamellipodial Motion
Protrusive and contractile forces driving cell motility are considered to base on the dy-
namic of the actin cytoskeleton. Even in absence of a cell body these mechanisms show
autonomic character as the existence of lamellar fragments proves (Euteneuer & Schliwa,
1984). Experiments with mechanical manipulation of keratocyte cell body showed no
influence on lamellipodium protrusion rate, indicating an independent force produc-
tion mechanism (Anderson et al., 1996). In the simplest hypothetical “motility unit”,
the same actin filaments are involved in protrusion as in contraction, the protrusion
itself generates the filaments needed for retraction, which relies on the development
of anchorage at the cell front (Small & Resch, 2005). In cells, fluorescence recovery
after photobleaching (FRAP) and photo activation of fluorescence (PAF) techniques
documented the actin treadmilling in the lamellipodium, giving rise to retrograde flow
(Wang, 1985; Theriot & Mitchison, 1991). In keratocytes, enhanced phase contrast mi-
croscopy (Verkhovsky et al., 1999b) and speckle microscopy (Vallotton et al., 2005) of
the flat protruding actin network, lamellum and lamellipodium, revealed that the fil-
aments of the transverse bundles at the rear of the lamellum are recruited from the
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Figure 2.11.: Dynamic network models of filament recycling in keratocyte motility. At the
leading edge filaments arrange in a diagonal meshwork which move and extend with the network
behind. (A) Circulation of filaments in a lateral movement and following contraction at the rear
as proposed by (Small & Resch, 2005). Inset shows keratocyte stain with fluorescently labeled
phalloidin. (B) A coupling between contraction of an actin–myosin network in the transition
zone to forward translocation is proposed by Svitkina et al. (1997). Myosin clusters align actin
filaments parallel during movement. The overall contraction results in bundle formation and
forward translocation of the cell body due to contraction in th the front and rearward drag at
the bottom the body.
lamellipodium, most obviously at the flanks as illustrated in Fig. 2.11. The relation
between lamellipodium meshwork and contractile bundles containing myosin appears
as functional coupling, most obvious in keratocytes fragments. From the amount of
filaments generated in the lamellipodium, only a small part persist long enough to be re-
cruited into contractile bundles at the rear (Small & Resch, 2005). After contraction, the
participating filaments must be cleared in the center, presumably by depolymerization
(Anderson et al., 1996), in consistence with speckle microscope findings (Vallotton et al.,
2004). The interaction of actin with myosin is presumably the organizational principle
in recruiting of antiparallel actin arrays into contractile bundles. The dynamic network
model (Fig. 2.11) describes forward translocation as coupling of continual network as-
sembly in the lamellipodium, contraction through bundle formation in the transition
zone, and disassembly in the rear. The weakly attached cell body rides forward on a
wave of network contraction at the cell body boundary (Svitkina et al., 1997).
Open questions Keratocytes, as ideal subject to study cell motility due to their fast
regular movement, have been often investigated. However, the overall picture of their
motility remains contradictory. A minimal protein assay was identified to mimic move-
ment of Listeria monocytogenese. A chemically defined mixture of only a few proteins
is rapid and strong enough to account for protrusion rates of cells (Loisel et al., 1999).
Although the driving mechanisms in Listeria movement are circumstantial investigated
and analyzed, the details of the complex organization of cytoskeleton dynamic in cell
motility remain ambiguous. It is a widely accepted hypothesis that actin polymeriza-
tion is driving protrusion at the leading edge of moving cells, but which mechanism is
responsible for the necessary force production has not been identified experimentally.
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The interplay of possible key players and how they may compensate for each other
functions is not yet revealed, since cells are complex biological systems with inherent
redundancy. So it remains unclear whether the retrograde flow is driven by pulling forces
from the back or pushing forces from the front. In this light, the presented work seeks
to open an motility phase space by interfering a motile system with different methods.
To understand the interplay of the underlying mechanisms it is necessary to identify the
contribution of different mechanisms qualitatively and quantitatively.
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In this chapter the different methods used to gain a comprehensive picture of keratocytes’
motility are presented. First, the cells and their features are introduced, including frag-
mentation and how the phase space can be manipulated by altering the cells’ molecular
organization due to cytoskeletal drugs. Then scanning force microscopy (SFM)is in-
troduced, including cantilever calibration, measurement preparation, and an established
method to measure elastic and viscoelastic properties of cells with the force spectroscopy
mode. The newly established method to measure forces within the plane of keratocytes’
movement will be explained in the next chapter (Chap. 4), since its development repre-
sents the first important result of this thesis. To observe the cells beyond the cantilever
during the force measurements, an alternative method to phase contrast microscopy is
necessary, which is given by interference reflection microscopy (IRM), explained in this
chapter. Then, a feature tracking analysis (FTA) is presented, which allows to deter-
mine dynamics in different regions of the cells by passive observation in high resolution
phase contrast microscopy. The dynamics together with the force measurements allow
to elucidate the phase space opened by the cytoskeletal drugs. Finally, traction force
microscopy (TFM) is introduced, which allows the comparison to forces, the cells exert
to the substrate.
3.1. Cell Culture
Many eukaryotic cells are able to move directed, such as fibroblasts, neurons, or can-
cerous cells. The motion of these cells is relatively slow and irregular. Fibroblasts
move with ≈ 2 µm/min (Park et al., 2005) and probe with their lamellipodum slowly
their environment. Similar, the growth cone of a neuron seeks even more hesitant its
way (<1 µm/min) (Forscher & Smith, 1988). In contrast, keratocytes move fast and
steadily (≈ 10 µm/min), which is the reason that they are often studied in the field of
cell motility.
3.1.1. Keratocytes
Keratocytes are half-moon shaped fish epithelial cells, which represent a well organized
motility system exhibiting highly regular and persistent movement. Some motility un-
derlying mechanisms are identified, but their interplay is not clarified, thus they are the
ideal system for this study, beside that they are easy to handle. Keratocytes were first
described by Goodrich in 1924 (Goodrich, 1924) and are terminally differentiated cells,
found in teleosts and amphibians (Bereiter-Hahn et al., 1981). Although these cells may
not be representative considering vertebrates, they provide an adequate model system
with a highly effective motility machinery. The nearly perfect coordination among pro-
trusion, traction, and retraction phases (described before Chap. 2) results in a persistent,
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directional and fast movement (Lee et al., 1993). Their molecular organization can be
altered by cytoskeletal drugs, providing an insight into the interplay of the underly-
ing processes and can therefore reveal general mechanisms. In this study keratocytes
from Carassius auratus (goldfish) were used exclusively. To obtain cells, a scale was
plucked from the fish, putted into a Petri dish filled with cell culture medium and within
≈ 24 hours a dense carpet of cells slided from the scale. To separate the cells from
each other, the proteins of the extracellular matrix (ECM) were disrupted gently by
trypsin/EDTA(Sigma). Although this procedure could affect the cells naturalness, be-
side the cultivation in a Petri dish in principle, it is a commonly used procedure in cell
culture protocols. The carpet dissipated partially, the cells contracted during trypsiniz-
ing, but after removal, they reappeared in their typical half moon or canoe shape and
moved persistent and regular and left the carpet (Fig. 3.1A). Their simple shape consists
of well-defined regions and is preserved during motion, which appears as smooth sliding
over the substrate surface.
A B
100 µm 10 µm
Figure 3.1: Phase contrast images of kera-
tocytes on a glass surface (A) Single kerato-
cytes leave the carpet, which is visible in the
lower left corner of the image. (B) A single
keratocyte with distinctive regions. A flat
pronounced lamellar region is orientated in
direction of motion, the cell body is visible
in the back.
The prominent thin lamellum/lamellipodium region surrounding the cell body mainly
consists of actin and can be clearly distinguished from the cell body region in the back
of the cell, which includes furthermore microtubules and the nucleus (described in more
detail in Chap. 2). The direction of motion is perpendicular to the long axis of the
cell (Fig. 3.1B). The thinness of the lamellar region (< 1 µm) allows to observe further
details by microscopic imaging.
Fragments
Lamellar fragments of keratocytes show a similar behavior and velocity than intact
cells. They naturally occur within keratocytes populations (Euteneuer & Schliwa, 1984)
or can be induced by staurosporine, which is expected to inhibit kinases that phospho-
rylate myosin light chain (Verkhovsky et al., 1999b). The fragments contain no nucleus,
microtubules, centrosomes nor most organelles, nevertheless they retain their persis-
tence in directional movement (Euteneuer & Schliwa, 1984) (also described in Sect. 2.2).
Fragments were induced as previously described (Verkhovsky et al., 1999b) by apply-
ing of staurosporine (100 nM, Sigma S4400) in addition to normal keratocyte medium.
Pieces of the lamellar region crawled away from the cell body, ripped themselves apart
and continued to move independently. The inhibitor was washed out after 2 hours, but
fragments were stable for several hours after treatment.
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3.1.2. Drugs that Alter the Cytoskeletal State
The effective interaction of the underlying mechanisms of the motile machinery in kera-
tocytes makes them ideal objects to interfere with the system by altering the molecular
organization to identify the key players.
Diverse techniques are known to directly influence protein expression within cells by
introducing nucleic acids, causing over- or underexpression or a complete knock down of
a certain protein. These transfection techniques can also be used to fluorescently label
proteins, e.g. GFP-actin (green fluorescent protein) allowing to observe actin dynamics
in living cells. However, primary keratocytes are difficult to manipulate genetically and
display a too low efficiency e.g. GFP-transfection (≈ 3.5 % Jurado et al. (2005)).
Therefore, keratocytes were perturbed with various cytoskeletal pharmaceuticals to
distinguish local contributions of different potential forcing mechanisms for cell migra-
tion. An overview of used cytoskeletal drugs and typical concentrations found in litera-
ture is given in Table 3.1. Concentration values found in literature were often rather high
and effects on cells were observed within minutes to hours. Such high concentrations
allowed to determine whether certain proteins are involved in a process, but delivered
in most cases only black or white statements and no quantitative results.
Drug Effect Concentration




Latrunculin A sequesters G-actin,
reduces polymerizable actin pool
50 nM–10 µM
ML-7 Myosin light chain kinase inhibitor 300 nM–50 µM
Blebbistatin Myosin ATPase inhibitor 1−−100 µM
Deoxycholate decreases membrane tension 4 µM–100 mM
Table 3.1.: Overview cytoskeletal drugs used in this study, their effect on specific proteins, and
relevant working concentrations found in literature.
In this study low concentrations of these drugs were applied for sufficiently long times
( 12 h) to establish steady state conditions between cell interior and exterior. To assure
the selectiveness of these drugs and to avoid a complete breakdown of cellular functions,
they were chosen in such low concentrations that the keratocytes were still able to move,
but specific cytoskeletal elements (actin polymerization, myosin activity and membrane
tension) were clearly affected and changed the cell’s morphology and mean velocities like
shown in Sect. 4.2. A drug concentration range could be determined where cells stayed
viable for at least two days.
Cytochalasin D is a fungal metabolite isolated from Helminthosporium dermatioideum.
This cell-permeable toxin binds to the barbed ends of actin filaments, caps them and
inhibits the association of monomeric subunits, thus disrupting actin polymerization
(Binder & Tamm, 1973). It is assumed that cytochalasin D interferes with the equilib-
rium of F-actin and G-actin, since in vitro it was found that it sequesters actin monomers
in a 1:1 complex (Goddette & Frieden, 1985). Latrunculin is a marine compound isolated
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from the Red Sea sponge Latrunculia magnifica. Latrunculin A is another actin seques-
tering drug, binding G-actin in a 1:1 complex, thereby it changes the actin monomer
structure and prevents it from attaching to other filaments or subunits (Spector et al.,
1989). It was shown to depolymerize actin in vivo and in vitro causing alteration in cell
shape (Morton et al., 2000). Jasplakinolide is produced by the marine sponge Jaspis
johnstoni and stabilizes actin filaments. It is assumed that it enhances nucleation of
actin filaments and lowers the critical concentration for polymerization (Bubb et al.,
2000). On the other hand, it binds F-actin and inhibits filament disassembly. Therefore,
it is supposed to shift the steady state between monomers and polymerized filaments to
more filaments, leading to elongated filaments (Cramer, 1999). Like described before,
all actin and tubulin forms are in principle similar in their functions, whereas myosin
exists in many forms (Sect. 2.1.1), and various chemicals can interfere with these forms.
Two of them, blebbistatin and ML-7, are used in this study. Blebbistatin (named due to
its ability to blocks cell blebbing) specifically affects non-muscle myosin II by inhibiting
myosin ATPase during actin detached state. The overall myosin contractility is reduced
since myosin cannot attach to actin (Straight et al., 2003).
Sometimes, when using high concentrations of Blebbistatin (100 µM), also fragmen-
tation could be observed.
ML-7 prevents the power stroke and reduces acto-myosin contractility along actin
bundles. It blocks myosin light chain kinase (MLCK), an enzyme responsible for the
phosphorylation of the myosin light chain. Myosin stays inactive and does not bind to
actin or other myosins. In keratocytes, it was also found that adhesion sites particularly
at the leading edge disassembled and overall cell adhesiveness decreased (Jurado et al.,
2005). Deoxycholate, a bile acid salt sodium derived from bone (Silva et al., 2006),
which softens the membrane, lowers the membrane tension. It has been shown that the
membrane tension is inhibiting extension, resulting in an inverse relationship between
tension and extension rate (Raucher & Sheetz, 2000).
3.2. Scanning Force Microscopy
The scanning force microscope (SFM) is an instrument which allows to measure distances
and forces mechanically in nm-, and nN-range, respectively. Its principle is based on
the scanning tunneling microscope (STM) invented by G. Binnig and H. Rohrer Binnig
et al. (1982). Commercial SFMs are nowadays available which enable measurements of
biological materials in liquid environment.
The principle is simple and illustrated in Fig. 3.2. A sharp tip on a flexible cantilever
is mechanically scanning a surface, while either the sample or the probe is moved, the
deflection of the cantilever is detected and different features, e.g. the topography can
be determined. A laser is reflected on the back side of the cantilever, vertical and
lateral deflection are detected by a quadrant photodiode. The position of the cantilever
can be controlled by piezo-electric sensors (100 µm in x and y direction and 10 µm in
z direction). The z-piezo is controlled via a closed feedback loop enabling a reaction
on topographic features to assure a constant vertical force. Reconstructing the surface
topography from the measured height change of the z-piezo during a scan yields an image
of the height profile. Another mode (force spectroscopy) allows to indent the sample
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Figure 3.2: Illustration of the SFM-
principle. The laser is reflected from the
back side of the cantilever which is here mod-
ified with a polystyrene bead at the tip. Ver-
tical and lateral deflection are detected with
a quadrant photodiode. A piezoelectric actu-
ator with feedback loop allows fine position-
ing in vertical direction (z) and controlled








with a defined force. Measurement of force–distance curves allow to analyze elastic and
viscoelastic properties of the sample.
In this study, a commercial scanning force microscope (SFM) (Nano Wizard, JPK
Instruments AG) was mounted on an inverted microscope (DM IRB, Leica). This com-
bination allowed a visual positioning of the cantilever and imaging of cell movement with
phase contrast microscopy (40x/0.55 Corr Ph2 Air) and with interference reflection mi-
croscopy (IRM) (63x/1.25 Ph3 Oil) (Izzard & Lochner, 1976; Jurado et al., 2005).
3.2.1. Cantilever Preparation
Modification To prevent puncturing the cells, the cantilevers (NanoWorld, Pointprobe
CONT and BSI sensors, Neuchatel, Switzerland) were modified by gluing a polystyrene
bead (Seradyn Particle Technology, Indianapolis) with ∅ 3 or 6 µm on the tip as shown
in Fig. 3.3. Moreover the spherical particles provided a well-defined probe geometry,
which allowed to model elasticity measurements, i.e. force–distance curves with the
Hertz model (Mahaffy et al., 2000), further described in Sect. 3.2.2. Furthermore, the
indentation depth into the cell during the retrograde force measurements could be de-
termined with the measured vertical force and allowed to calculate the contact surface
between bead and cell as further described in Sect. 4.1.
The Cantilever modification was done with two 3-dimensional self made manipulation
stages and a microscope (Kensington Inc., USA). First, the cantilever was carefully
tipped into the epoxy (M-Bond 610, SPI, Supplies, USA) and retracted. Afterwards,
the sticky tip was brought into contact with the bead and pressed on it for a couple of
seconds. If this procedure was successful, the cantilever had to be heated in an oven
(80 ◦C ≤ T ≤ 100 ◦C, over night) to cure the epoxy between bead and tip ??. To
determine the exact radius of the such fixed bead, an inverse scan over a fixed sharp tip
was done by the SFM as shown in Fig. 3.3.
Calibration The force the cantilever exerts vertical on the surface or the sample, re-
spectively, can be calculated by Hooke’s law:
F = kzxz = kSz∆Uz , (3.1)
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Figure 3.3.: SFM Cantilever modified with a polystyrene bead (∅ 6µm). (A) Phase contrast
images of a cantilever with bead in profile and half profile. (B) Inverse scan of a polystyrene
bead on a cantilever (gained by reverse scanning of a fixed sharp cantilever tip).(C) Line profile
of a bead illustrated as black line in B, necessary to determine the exact radius and to assure
cleanness.
with the cantilever’s force constant kz and the vertical deflection of the cantilever xz.
Experimentally, the sensitivity Sz(nm/V) can be determined with a force–distance curve
(Fig. 3.4A) and corresponds to the inverse slope on a hard substrate. The vertical
deflection signal on the photo diode (∆U) was measured over z-piezo movement (∆h
which is equal to −xz on hard substrates). To determine the cantilever’s force constant,
several methods can be used, e.g calibration against another cantilever with known
force constant, frequency sweep measurements considering the cantilevers geometry or
thermal noise measurement. Thermal noise calibration is the standard method and the
used cantilevers were calibrated using the implemented tool of the SPM software (JPK
Instruments), which allowed to characterize soft cantilevers also in liquids. The method
is based on measuring free fluctuation of the cantilever and models the resonance curve











with the Boltzmann constant kB, the temperature T , and the vertical deflection xz.
To determine the distribution function of the amplitude, the vertical deflection over
time was recorded and Fourier transformed. In absence of additional noise the power
spectral density function of the thermal cantilever fluctuation has a Lorentzian line
shape. Since the integral of the power spectrum equals the mean square of the fluctua-
tions in the time domain, the area below the resonance peak is a measure of the power





where A is the area of the power spectrum of the thermal fluctuation alone (Hutter &
Bechhoefer, 1993). A software implemented fit to the thermal noise curve allows to de-
termine the force constant and the force the cantilever exerts can be obtained by Eq. 3.1.
To confirm the reliability of this method, another method was used, where the calibra-
tion of the cantilever was determined against another cantilever with a known force
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constant. The uncertainty of the determined force constants were typically 10− 15 %.
3.2.2. SFM-based Cell Rheology
The force spectroscopy mode of the SFM allows rheological measurements on biological
samples (Brunner et al., 2009). Viscoelastic and elastic properties respectively, can
be determined by comparing force–distance curves measured on a sample with force–
distance curves measured on a hard substrate (e.g. glass) as shown in Fig. 3.4A.

























































Figure 3.4.: (A) Force-distance curve on a cell (red) and on hard substrate (glass, black): while
the z-piezo moves the cantilever toward the surface, the vertical deflection increases from zero
when the cantilever hits the sample (contact point). The different slopes allow evaluation for
elasticity and the different z-positions of the contact points reflect the height of the sample. (B)
Elastic constant K over the indentation δ evaluated by the Hertz model combined with the Tu
and Chen correction.
The polystyrene bead glued at the end of the cantilever tip provides a defined spherical
shape and the indentation to soft matter can be described by the Hertz model (Landau
& Lifschitz, 1965). In general, the model describes the deformation of two elastic spheres
in contact under a force, in this case the vertical force of the cantilever. Two assumptions
are requested from the experimental conditions: first the indenter is assumed to have a
paraboloid shape and second, the indented sample is assumed to be extremely thick in
comparison to the indentation. In this case the model relates the deforming force of the






R δ3/2 , (3.4)
with the radius R of the Probe and the the elastic constant K = E/(1−µ2), depending on
the Young’s modulus E and the Poisson ratio µ of the sample. The first assumption limits
the correct analysis to indentations of δ < 0.3R. The latter assumption is inaccurate
for thin lamellipodial regions. By expanding the model with finite boundary conditions
to eliminate the effect of a finite sample depth, this issue can be addressed. There are
two asymptotic regimes for modeling the deformation of layers on a substrate. Rigidly
adhered layers are unable to move at the sample substrate interface, whereas nonadhered
layers slide freely on the substrate. By applying the proper boundary conditions basing
on the Tu and Chen models, these regimes can be solved as described previously (Mahaffy
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et al., 2004). The deformation of a thin layer on a substrate can be described by different
correction factors according to these models (Eq. 3.5). The Tu model best fits regions
poorly adhered to the substrate and the Chen model is valid for regions strongly attached
to the substrate
FTu,Chen = F × corrTu,Chen . (3.5)
Lookup tables have been generated with numerical calculation for these two models,
in which the factors KTu,Chen/KHertz are listed as a function of δR/h2 (Mahaffy et al.,
2004). With known sample height h, the corrected elastic constant K can be determined
as shown in Fig. 3.4.
On longer time scales, the cytoskeleton can show beside an elastic response a strong
viscous response to deformation. Dynamic measurements can be performed to measure
the frequency-dependent viscoelastic behavior, by introducing high frequency (> 20 Hz),
but low amplitude (5− 10 nm) oscillation on the system. An oscillation of the cantilever
during indentation leads to an amplitude and phase differences that depend on the
viscoelastic properties of the sample. The oscillating indentation δ˜∗, is superimposed on
an offset indentation δ0, leading to total indentation δ, with
δ = δ0 + δ˜∗eiωt , (3.6)
with δ˜∗ = δ′ + iδ′′. The Hertz model can be expanded to include frequency dependent
behavior by a Taylor series. For small amplitude oscillation relative to offset indentation

















The first term is the contribution of the original Hertz model and the second term F ∗osc is
the frequency-dependent term of the force, which is related to the complex viscoelastic
constant K∗1 = K ′ + iK ′′. Thus the real part K ′, which reflects the elastic storage
response and the imaginary part K ′′, reflecting the viscous loss response of the sample,







Both Fosc and δ∗ contain real and imaginary parts corresponding to the components
of the measured signal that are in-phase and 90◦ out-of-phase with the driving signal,
respectively (Mahaffy et al., 2004).
The model as well as the technical realization with an Lock-In amplifier require an
increased measurement time for single force–distance curves. Thus, viscoelastic mea-
surements can not be performed on moving keratocytes since they are to fast.
For keratocytes static elasticity measurements considering the corrections provided by
the Tu and Chen models were performed on the lamellipodium and the cell body with
force–distance curves. Thus, the influence of cytoskeletal drugs on the lamellipodial
elasticity was determined. For the further analysis of SFM force measurements it was
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necessary to determine the indentation depth δ which was obtained using the elastic
constants provided by the simpler Hertz model, since numerical corrections are undone
when calculating δ with the Tu or Chen corrected elastic constants in the Tu or Chen
model.
3.3. Interference Reflection Microscopy
Interference reflection microscopy (IRM) is a commonly used optical method to study
cell-substrate interactions of living cells in culture (Curtis, 1964; Izzard & Lochner, 1976;
Jurado et al., 2005). The underlying principle and an image are shown in Fig. 3.5. For
the SFM force measurements, IRM offers the possibility to observe the cell during its












Figure 3.5.: Interference Reflection Microscopy. (A) Principle: Due to the different refractive
indices the reflected light interferes and different cell-substrate distances appear bright or dark.
(B) IRM image of a keratocyte: at the leading edge, dark and bright areas appear – the lamellum
is only partially close to the substrate.
A zero-order interference pattern is generated at high illuminating numerical aperture,
which yields information on the distance between cell and substrate with only minor
perturbation by reflections from the dorsal cell surface. The arising pattern results from
the interference of reflections on interfaces with different refractive indices n and appears
as dark and bright areas corresponding to the distance between cell and substrate (see
Fig. 3.5B). White light from a mercury lamp was used, passing a neutral density filter
(T = 1 %) and an ultraviolett filter to prevent damage cells. Using an oil immersion
objective the first interface causing a reflection is on top of the glass cover slide as
illustrated in Fig. 3.5A. If the cell is directly in contact with the glass surface the change
in refractive index causes a reflection Rg−c. If sufficient cell culture medium is between
cell and surface and the contact is not very close, two reflecting interfaces, glass–medium
Rg−m and medium–cell Rm−c appear. In case the distance between these reflective
surfaces is beyond the wavelength an interference pattern occurs and cell regions close
to the substrate appear dark. The change in the refractive index between glass and
medium is the largest and the background appears relatively bright. In principle, the
method can be used to quantitatively determine distance distributions between cells and
the surface or adhesion information (Jurado et al., 2005). During force measurements
with SFM the illumination is critically disturbed by the cantilever meaning that the
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quality of the IRM images is drastically reduced. By inhomogeneously illuminating the
sample reflections from the cantilever can be suppressed and the bead’s position as well
as the cell’s contour are observable beyond the cantilever.
3.4. Feature Tracking and Cytoskeletal Transport
In order to gain a circumstantial picture of keratocyte motility enhanced phase contrast
microscopy (Vallotton et al., 2005) has been used to quantify the dynamics in different
regions of the cell. A shape detection routine and feature tracking analysis allowed a
determination of protrusion speed and retrograde flow within the lamellum. The analysis
is described briefly within this section. A detailed description can be found in the thesis
of D. Koch (2007).
3.4.1. Cell Velocity and Shape Analysis
For keratocyte observations time-lapse image series were taken on an inverted micro-
scope (DM IRB; Leica). Phase contrast images were acquired every 2 s with an oil
immersion objective (100x/1.35 Oil Ph3, Leica or 63x/1.25 Oil Ph3, Leica) and a CCD
camera (DS-21-02M30, Dalsa or Orca, Hamamatsu) controlled by a LabVIEW program
(LabVIEW, National Instruments). Cell velocities were evaluated with cell shape detec-
tion routine implemented in Matlab (The MathWorks). Many shape detection routines
rely on detection of intensity gradients in the image (Stuhrmann et al., 2005) but are
limited in precision and reliability for detection of high resolution image time series with
difficult light conditions.




































Figure 3.6.: Cell shape and velocity analysis. (A) Phase contrast image of a keratocyte with
outlined shape and center of mass as determined by the shape detection routine. (B) Devolution
over time of the determined outlined shape and distance of the COM–advancement. A linear fit
of the smoothed COM-trace in time reveals the mean velocity. The inset shows the corresponding
histogram of velocity distribution.
For the shape detection routine used in this study, intensity gradients in the image as
well as regions of high and low intensity are used in parallel. Furthermore, a feedback
loop which considers the previously detected shape in successive images is combined.
A pixel based center of mass (COM) is calculated from each binary shape and the
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movement of this COM was used to calculate step–sizes and therefore the speed of a
cell. Due to the constant movement of keratocytes a linear fit of the smoothed trace was
used to determine the cell speed. Alternatively, a histogram of the translocation speeds
of the COM is used to evaluate the mean and variance in speed for a single cell as shown
in Fig. 3.6.
3.4.2. Feature Tracking Analysis
Protrusion The phase contrast images are inverted before the contrast is adjusted. The
binary shape obtained from the cell shape detection program (mentioned above) is used
as starting point for the sub-pixel edge detection routine. Successive images are analyzed
at 1500 equally spaced points along the cell perimeter. The derivative of the smoothed
intensity values along a local normal to the cell perimeter is taken across the cell edge
at each point. This is fitted with a Gaussian and the maximum of this fit function is
defined as an edge point (Betz et al., 2006). To get the protrusion or edge velocity for a
specific point the sub-pixel edge detection routine started again with a line taken at the
same pixel coordinates but with intensity values from the next frame. The edge velocity
normal to the cell perimeter is determined as shown in Fig. 3.7.
Figure 3.7.: Edge detection routine and feature tracking analysis reveal comparable parameters.
(A) Edge velocity normal to the the cells perimeter analyzed and illustrated with green arrows
(rear area discarded). (B) Specific regions of interest selected for a keratocyte. Central and lateral
vector field of the lamellum reveal the comparable parameters, here the analyzed retrograde flow
field is shown.
Retrograde Flow The program sections the image into small areas and finds the move-
ment of structures and features of each area in the successive image by cross-correlation.
These structures and features are mainly due to the criss-cross pattern and inhomo-
geneities in the actin network of the lamellipodium (Verkhovsky et al., 2003; Vallotton
et al., 2005). In brief, a meshgrid with a grid point distance of 0.5 µm was defined on
the keratocyte image within the detected coarse shape. At each grid point a template
area of 1.5x1.5 µm is cropped and overlaid at each pixel in a larger search area of the
subsequent image. The cross-correlation value is calculated for each pixel and the high-
est cross correlation value defines the displacement vector at each grid point, resulting
in a discrete displacement vector field. Afterwards, the retrograde flow field is obtained
from spatial and temporal interpolation and filtering. Note, that the retrograde flow
analysis is only valid for the quasi 2D lamellipodium regions and not for the thick cell
body area, which is discarded.
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Polymerization Using conservation of flow the polymerization velocity is calculated
from the respective retrograde flow value at the edge and the lamellipodium edge velocity
value by using
~vPolymerization = ~vEdge velocity⊥ − ~vRetrograde flow, (3.9)
where ~vEdge velocity⊥ is the edge velocity normal to the cell perimeter, ~vRetrograde flow,
the retrograde flow at the cell perimeter and ~vPolymerization the resulting polymerization
velocity. However, this is an indirect determination relying on the analysis of edge
velocity and retrograde flow velocity at the leading edge where most inaccuracies occur.
To quantitatively compare the cells, the vector fields were considered in different
specific regions with parallel vector alignment as shown in Fig. 3.7. Mean values were
obtained by averaging the absolute velocities over space and time resulting in a mean
center edge velocity, center polymerization velocity and a central and lateral retrograde
flow velocity for each cell. Therefore possible gradients within these regions were not
reflected for the retrograde flow (e.g. from the edge to the body).
3.5. Traction Force Microscopy
To classify the forces measured with the SFM, traction force microscopy, a common assay
to determine forces cells exert onto the underlying substrate (Lee et al., 1994), was used
to complement the picture of keratocytes forces. By the two dimensional displacements
of small beads embedded in the plane of an elastic substrate, traction forces can be




Figure 3.8.: Traction Force Microscopy. (A) Illustration of experimental principle: cells crawl
over elastic polyacrylamid substrates with embedded fluorescent beads that act as tracers for
the gel deformation due to the cell. (B) Illustration of relaxed gel with embedded fluorescent
beads. (C) Illustration of a keratocyte (outlined) deforming the elastic substrate. Green and red
represent the deformed and relaxed gel, respectively, with yellow as overlay.
In this case polyacrylamide (PAA) substrates has been used prepared by following a
modified version of the protocol of Wang and Pelham (Wang et al., 1998) (see Sect. A.2
for details). Specifically prepared glass cover slips were used to assure a flat gel surface.
The composition of PAA determines the elastic properties of the final gel. Rheological
measurement with the SFM confirmed the elasticity of gels of such composition to be
1500± 300 Pa (as described in Sect. 3.2.2). After recording time series of keratocytes in
phase contrast and tracer particles in fluorescence cells were removed using a combina-
tion of 0.5% trypsin and 0.5% tween 20 in PBS and a reference image of the relaxed gel
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was recorded. A cross correlation algorithm implemented in Matlab was used to detect
the bead displacements between the time series images and the reference image. 2D spa-
tial Gaussian interpolation allowed to calculate the deformation field from the detected
displacements. Finally, forces were calculated from the deformation field following the
unconstrained deconvolution method as presented in (Butler et al., 2002). The analysis
method was successfully verified by detecting a known test force of 1 nN applied to the




The main focus of this work is to elucidate the underlying mechanisms of protrusion
force generation in cell motility. The complex nature of cell motility requires a broad
characterization of a model system to accomplish a preferably complete picture of the
underlying mechanisms. The model system in this study are keratocytes, fast moving
cells, which are often investigated in the field of cell motility and provide simple shaped
highly optimized protrusion machinery. To gain a complete picture of these fast moving
cells, different physical methods were engaged to elucidate several aspects and features
of one system. High-resolution imaging and a numerical analysis allow to detect some
features of their movement, such as cell velocity, and feature tracking analysis provides
retrograde flow velocity and, therefore, polymerization velocity. However, to under-
stand what drives protrusion, it is necessary to investigate the force distribution within
moving cells. For this purpose, scanning force microscopy (SFM) provides a sensor to
mechanically capture forces the cells exert to an obstacle.
In this chapter the newly established method to measure forces in different regions
within the cell’s plane of movement will be introduced first. Then the measured effects
of cytoskeletal drugs on keratocytes on velocity, morphology, elasticity, and velocity dis-
tribution will be shown. A broad characterization reveals the protrusion velocity, the
retrograde flow velocity in the central and lateral lamellum, and the polymerization ve-
locity at the leading edge. The manipulation of the molecular structure by application
of cytoskeletal drugs opens a phase space to investigate the involved force generation
mechanisms. The investigations are presented according to distinctive regions: the pro-
trusion stall force of the leading edge and its load dependence, retrograde forces within
the lamellum, and stall force measurement of the cell body. In each region the influence
of drug application on the measured parameters will be considered. Finally, a united
picture of the measured parameters in entire system is presented comprehensively.
4.1. Newly Established SFM-Method – Lateral Measurement
of Cellular Forces
The SFM emerged to be a sensitive tool in several biological measurements as shown be-
fore by scanning (Radmacher et al., 1992), or rheological measurements (Mahaffy et al.,
2000) on cells, or single molecule unfolding measurements (Rief et al., 1997). Previous
research on cell force generation (Oliver et al., 1995) indicates the SFM’s sensitivity
to be in the adequate range for such force measurements. A topography scan of a
fish keratocyte encountering the modified bead cantilever is shown in Fig. 4.1. Most
SFM-investigations rely on the vertical deflection, e.g. high-resolution image scanning
or probing by force–distance curves, therefore, they are geometrically limited to mea-
surement of one dimension. The new approach to use the SFM as force sensor has the
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Figure 4.1.: Keratocyte fixed by paraformaldehyde and scanned with a modified cantilever, scale
bar 10 µm. Even encountering the bead, the common features such as the flat region in front,
the lamellipodium, and the high cell body region can clearly be recognized. The inset shows a
line profile in the middle of the cell and demonstrates the big difference in height.
potential to resolve force generation mechanisms within the cell. Prass et al. followed
a similar idea to measure forces within the plane of movement (Prass et al., 2006), but
the method provides no vertical resolution of the measurement anymore.
4.1.1. Lateral Calibration
The newly established method bases on the cantilever’s torsion instead of its vertical
deflection to measure protrusion forces within the plane of movement (Brunner et al.,
2006). Therefore, the cantilever not only needs a calibration of the vertical force con-
stant, but also one for the lateral force constant kΦ. The vertical sensitivity Sz [nm/V]
and the spring constant kz [mN/m] allow conversion into force and height, respectively.
In the same fashion, the lateral or rotational sensitivity SΦ and the rotational force
constant kΦ [mN/rad] allow conversion into torque τ of the cantilever. The lateral
sensitivity can be derived from the the vertical sensitivity by geometrical consideration.
Knowing the length L of the cantilever, the vertical deflection xz on a hard substrate
allows to determine the corresponding bending angle Φ by sin Φ = xz/L which is equal
to the lateral torsion angle for rectangular cantilevers and gives the lateral sensitivity in






τ = SΦkΦ∆Ulat , (4.2)
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Figure 4.2.: Torsional force constant calibration. (A) Illustration of the torsional calibration
principle. A polystyrene bead was fixed on a substrate, a scan reveals the diameter of the
bead. A series of force–distance curves with a preset vertical force allows to correlate the lateral
deflection, i.e. the torsion of the cantilever, to the contact angle. (B) The lateral force constant
κφ calculated from lateral deflection data over contact angle and theoretically calculated value
due to geometrical consideration.
where l is the moment arm and Ulat is the measured signal. The moment arm is the
length of the cantilever tip which is extended by the attached polystyrene bead in the






with the Young’s modulus E, thickness d, and width b of the cantilever. The torsional





Resolving Eq. 4.3 and Eq. 4.4 using the general relation G = E/(2(1 + µ)) with the






A Poisson ratio of 0.25 was assumed for the single-crystal silicon cantilevers (Green
et al., 2004). Knowing the lateral force constant, the lateral deflection can be directly
converted into force with Eq. 4.1 and Eq. 4.2. A simple experimental concept can be
used to validate these considerations and to determine the torsional spring constant of a
cantilever. A polystyrene bead fixed with epoxy on a glass substrate was first scanned by
SFM to determine center and radius of the bead (e.g. RB = 18± 0.3 µm in Fig. 4.2B).
The spherical shape provides a regular angle variation depending on the distance to the
center lB and a series of force–distance curves with the same vertical deflection setpoint
was recorded at different surface angles as illustrated in Fig. 4.2A. The contact angle
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was determined by Φ = arcsin(lB/RB), which is used to evaluate the lateral force by
Flat = Fz tan Φ , (4.6)
with the preset vertical force Fz = Szkz∆Uz. The lateral force constant can then be
expressed by Flat = κΦ∆Ulat with the effective torsional force constant of the cantilever





Comparison to the theoretically calculated torsional spring constant of the cantilever is
given by the relation κΦ = SΦkΦ/l, with the moment arm l which is again the tip length.
Fig. 4.2 illustrates the measurement principle and a comparison of an experimental data
plot of κΦ to the theoretical estimation which are in good agreement (mean ± std; exp:
10.4± 2.1 nN/V; theor: 9.2± 1.9 nN/V).
4.1.2. Measurement Principle
Initially, the protrusion force was measured with the vertical signal as the cell moves
like an elastic wedge against the bead. A simple model was derived to determine the
forward vector of the force (Brunner, 2004). However, force measurements within the
plane of movement provide much more accuracy.
The lateral calibration of the cantilever allows to analyze the two-dimensional signal
on the photodiode reflecting the vertical deflection and the torque of the cantilever.
Therefore, the cantilevered bead can be used to probe forces exerted by the cell in
two dimensions. It is positioned in front of a migrating cell which moves toward this
opposing load as illustrated in Fig. 4.3. The transported material in the migrating cell
pushes against the cantilever, leading to a vertical and lateral deflection. The vertical
deflection reflects the force the cell generates to push the bead upwards, whereas the
lateral deflection is directly proportional to the cell forces within the plane of movement.
This deflections can be positive or negative, depending on the direction of the force
exerted which pushes the bead away from the cell or towards it.
The cantilever is pushed with a constant vertical preset force, controlled by a closed
feedback loop, onto the substrate. The actual preset force is chosen depending on the
focused region and allows to measure or to suppress forces the cell exerts on the bead
pushed upward. To measure the leading edge protrusion forces, a soft cantilever is pushed
with a relatively high preset force (≈10 nN) in front of a cell with the cantilever’s long
side perpendicular to the cell’s direction of motion as illustrated in Fig. 4.4A. By moving
forward, the cell pushes the bead and causes a torsion of the cantilever (Fig. 4.3A–B).
Because of the high normal force of the cantilever, the cell can only push the bead within
its plane of movement until the opposing load reaches the cells’ limit – this is the directly
measured stall force. If the vertical preset force is chosen very low (≈1 nN), the cell is
able to squeeze beyond the bead and pushes the cantilever upwards. The bead – now
on top of the lamellipodium – indents the viscoelastic cell and couples to the underlying
material flow. Since the vertical force is controlled by a closed feedback loop and chosen
to be constant, the piezo-crystal controlling vertical cantilever movement extends and
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Figure 4.3.: SFM experimental concept of lateral force measurement. (A) The cantilever pushes
the bead with a preset force onto the substrate in the way of a moving keratocyte. (B) The cell’s
leading edge pushes the bead causing a torsion of the cantilever. (C) When the cell was able to
move beyond the bead, the cantilever is shifted up on top of the lamellipodium and detects a
retrograde flow. (D) In the transition zone to the cell body forward forces act again against the
cantilever.
retracts following the height profile of the cell minus the indentation which is a result
of the present force. The torsion of the cantilever reflects forward and backward forces
within the plane of movement, i.e. a force related to the retrograde flow can be measured
as illustrated in Fig. 4.3C. In the same way as the leading edge protrusion stall force
is measured, whole-cell stall forces can be measured, but the chosen cantilever has to
be slightly stiffer to increase the preset vertical force setpoint (> 50 nN). In order to
detect a force related to the material flow in the wings of the cell, the cantilever has to
be aligned parallel to the cell as illustrated in Fig. 4.4B.
Figure 4.4: Experimental concept top view.
(A) The cantilever is aligned perpendicular
to the direction of the cell’s motion. The
torsion of the cantilever allows to measure
the protrusion stall force, the cell body stall
force as well as the central retrograde forces.
(B) The cantilever is positioned to measure
forces within the wings of the cell by torsion.
BA
4.1.3. Force Measurements on Cells
Force range and temporal resolution of the SFM are adequate to study keratocytes
motility. Depending on the experimental goal, stiffer (≈ 0.1 N/m) or softer cantilevers
(≈ 0.02 N/m) were used, since the preset vertical force determines the opposing load
and thus the window in which the measurement is most sensitive. Lateral and vertical
deflection signals were detected with a resolution of 100 Hz, their progress for specific
measurements on different regions are further introduced in Sect. 4.3–Sect. 4.5. Despite
the high resolution of the SFM, the temporal stability of this method is limited to a
range of several minutes measurement time due to drift phenomena. For this reason,
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the high velocity of keratocytes is advantageous and force measurements are delicate,
but without limiting difficulties. In contrast, several tests to measure forces of neuronal
growth cones or fibroblasts were not successful. Their force build-up seems to be too
slow to definitely differentiate signals from noise or drift.
During the SFM-force measurements, the cells are imaged with interference reflection
microscopy with a frame rate of 1 s−1. Although this provides the possibility to observe
the cell’s motion below the cantilever, the image quality is decreased due a inhomogenous
illumination which is necessary to fade the cantilever out of the image. For this reason,
the velocity of the cells cannot be analyzed with the cell shape detection routine used
for the velocity studies. Instead, a simple routine implemented in LabVIEW (National
Instruments, Austin) is used to determine the leading edge position for each image to
analyze the time evolution. The velocity uncertainty in the force measurements sums
up to ≈ 3 %. The image series serves also to definitely relate the signals to the cells’
motion. Only signals which are in accordance with image series were analyzed, but the
latter cannot be used to identify any ambiguous signal such as these tested on neuronal
growth cones or fibroblasts.
In keratocytes, leading edge protrusions stall forces, whole cell stall forces, and rear-
ward directed forces correlated with the retrograde flow were successfully measured. In
general the cells’ reaction to the cantilever was often very individual: they turned into
avoiding or even opposite directions, stopped, or partially even died. Those cells have
not been considered in this study. Keratocytes motion does not display hesitant sens-
ing of the surface, but continuous fast regular motion, like an ongoing process. During
the SFM measurement, their protrusion machinery continues running as far as possible.
For example, in leading edge stall force experiments the central lamellipodium directly








Figure 4.5: The contact area which has to
be considered is half of the spherical seg-
ment opposing the cell. The indentation of
the bead into the lamellipodium determines
the angle α of the segment. In retrograde
force measurements α is determined by the
vertical indentation depth δ, whereas in pro-
trusion stall force measurements α is deter-
mined by the complete lamellipodial height
h0.
For the conversion of the lateral deflection into force, the moment arm l is necessary,
which is the tip length plus a certain fraction of the bead diameter. The effective value
of l depends on the indentation of the cantilever into the cell (Fig. 4.5). This can be
estimated by calculating the projection area of the cell’s leading edge facing the cantilever




(2α0 − sin 2α0) . (4.8)
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The lamellipodium height h0 defines the segment angle α0 by α0 = arccos((R−h0)/R)




3(2α0 − sin 2α0) . (4.9)
The moment arm l is then calculated by the tip length (including the bead), which can
be measured with phase contrast images, minus the radius R plus cl. For the SFM cell
force measurements the evaluation was done with the theoretically calculated torsional
spring constants exclusively. The force-to-stress calculation relies on the contact area
between bead and cell. For the protrusion stress calculations Eq. 4.8 was used, while
for the retrograde stresses h0 was replaced by the vertical indentation depth δ into
the lamellipodium which can be determined by the preset vertical force and the elastic
constant of the lamellipodium.
The measured forces contain errors within ≈ 20 %, mainly determined by the uncer-
tainties of cantilever force constant, sensitivity, and moment arm, as presented in detail
in Sect. A.3. The uncertainty of the calculated stresses is furthermore influenced by
the contact area (and lamellum elasitcity for the retrograde pressure) and lies within
20–30% depending on the specific conditions.
4.2. Altering the Molecular Organization by Cytoskeletal Drugs
The application of different cytoskeletal drug opened a phase space in which several
features of keratocytes were explored. Velocity devolution, elastic properties, cell mor-
phology and velocity distribution within the cells were investigated. The application of
specific antagonistic drugs allows to alter the molecular organization as described before
in Sect. 3.1.2 and to distinguish local contributions of different potential forcing mecha-
nisms to cell migration. To assure the selectiveness of these drugs and to avoid a complete
breakdown of cellular function, they were chosen in such low concentrations, that the
keratocytes were still able to move, but specific cytoskeletal elements (actin polymer-
ization, myosin activity, and membrane tension) were clearly affected. The drugs were
applied overnight (> 12 hours) to assure an equilibrium between drug concentration in-
side and outside the cell. Exceptions were the 100 µM-blebbistatin-treated cells which
were investigated at least 30 min after drug addition. As indicator for the optimal level
of drug effectiveness on the protrusion machinery, the dose dependent behavior of ve-
locity was observed. The finally chosen concentrations were often lower than previous
short-time investigations, e.g., for ML-7 (Kaneko et al., 2002). Cells stayed viable for
at least 2 days. Changes in morphology, cytoskeletal structure, and network properties
upon drug application with respect to their affection were also observed as illustrated
in this section. Additionally, some features of cellular fragments are investigate whose
existence itself is interesting since areas of the cell’s lamellum rip themselves apart and




Phase contrast images of keratocytes were analyzed with the shape detection routine
described before (Sect. 3.4), which determines the center of mass (COM) of each shape
and analyzes its temporal evolution. The velocity behavior of keratocytes after some
days in culture is shown in Fig. 4.6A. A slight velocity dependence of the cells on culture
time could be observed (−2 µm/min per day). Fresh keratocytes one day after placing
the fish scale on the dish were generally the fastest with a mean of 14.3± 3.0 µm/min
(n = 53). The inset presents a histogram of the velocity distribution of 238 control
cells binned with 2 µm/min. The mean COM-velocity was 12.7± 4.0 µm/min. For





















































Figure 4.6.: Keratocyte velocity. (A) The mean COM-velocity decreases slightly after some days
in culture. Inset shows a histogram of the velocities of all control cells with a mean velocity of
12.7± 4.0 µm/min (n = 238, binned with 2 µm/min). (B) Normalized velocities depending on
drug concentration. The large dose dependent decrease in cell velocity allows to determine the
adequate drug concentration for the later force measurements. Error bars represent standard
deviation of each mean velocity.
The cells’ velocity is the best marker for drug effectiveness. Thus, the concentration
range was chosen such that the velocity of the cell was reduced, but not completely
stopped, which means the drug has a significant effect, but the machinery is still able
to work. To determine the optimal doses, several concentrations were tested and a large
dose dependent decrease in velocity was found upon drug application for all drugs used
(Fig. 4.6B). In general, the cells’ velocities were measured as controls, in presence of the
drug and after drug washout on the same Petri dish on three consecutive days (drug
application and washout were done overnight). The velocities after washout increased
again, but only reached about 70% of the mean velocity of control cells. However,
considering the slight dependence on days in culture, cell velocity almost fully recovered.
In these preinvestigations the cell velocities were determined by the COM-speed, which
led to slight systematic overestimations of cell velocity, because even a fit of the center of
mass’ translocation cannot account for the cell’s slight asymetric irregularities in motion
(especially in drug treated cells).
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4.2.2. Cell Morphology
The velocity change revealed the effective but non-destructive range of concentration
for each drug. In these low concentration ranges the overall keratocyte shape was not
altered. Fluorescent stains of filamentous actin on fixed keratocytes were used to re-
veal the structure of the actin cytoskeleton and any changes due to the chosen drug
concentrations as shown in Fig. 4.7.
Figure 4.7.: Filamentous actin of drug treated keratocytes shown in fluorescence. Control cells
(left panels) show a prominent rim at the leading edge and prominent bundles spanning the cell
body. Myosin inhibiting drugs in the upper row and polymerization disturbing drugs in the lower
row show changes in cytoskeletal structure. Details are further discussed in the text. Scale bars
are 20 µm.
Drug application was done at least 14 hours prior to fixation, the only exception
were the cells treated with the high blebbistatin concentration of 500 µM, which were
fixed and stained 45 min after drug application. In general, control keratocytes showed
a prominent rim at the leading edge and a regular filament distribution within the
lamellum. At the rear towards the cell body pronounced stress fibers are perpendicular
to the direction of motion spanning the long axis of the cell, and the cell body was
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surrounded by some fibers. Upon low doses treatment of all drugs, the typical canoe
shape of the keratocyte did not alter, however, the cytoskeletal structure revealed some
changes in architecture. Myosin inhibiting drugs such as ML-7 and blebbistatin reduced
the stress fiber occurrence at the rear of the lamellum compared to control cells, but a
rather normal actin distribution was observed within the lamellum and lamellipodium.
Furthermore, the relation between major and minor axis is slightly reduced. Higher
concentrations of blebbistatin (100–500 µM) led to a significant widening of the cells
and long actin bundles were completely diminished in the cell. The distribution within
the lamellum was regular and a prominent actin rim at the leading edge was visible.
The polymerization inhibitor cytochalasin D reduced the characteristics of the lamellar
network and the leading edge. Stress fibers were still surrounding the cell body, though
in the transition zone their strong occurrence was reduced. Instead, short bundles or
actin aggregates, especially in the wings of the cell close to the cell body, can be observed.
The depolymerization inhibitor jasplakinolide reduced the prominent actin rim at the
leading edge. The lamellum exhibited a rather regular network, but the stress fibers at
the rear were more pronounced. Latrunculin A, which sequesters actin monomers, led to
a stronger pronounced rim at the leading edge and a slightly reduced lamellar network.
Stress fibers were surrounding the body, but in the transition zone the characteristic
spanning bundles were reduced.
4.2.3. Elasticity
The elastic constant K was determined from static force–distance curves obtained with
the SFM to 0.67± 0.18 kPa (n = 10, setpoint < 1.5 nN, 0.5 s approach time) for the
cell body and 1.21± 0.45 kPa (n = 17, setpoint < 0.5 nN, 0.5 s approach time) for the
lamellum (mean±SD) using either the Tu or the Chen model according to the best data
fit as previously described (Mahaffy et al., 2004; Brunner et al., 2006, and Sect. 3.2.2).
The calculation of the elasticity, therefore, takes into account for the underlying substrate
effect. In recent studies these techniques have been proven to give the most accurate K
values (Mahaffy et al., 2004), in contrast to other techniques which yield too high values
(10–55 kPa). These earlier measurements did not account for substrate stiffness and are
understood to be overestimations (Laurent et al., 2005).
The elastic constants of the lamellum and drug treated cells’ lamelli shown in Fig. 4.8
are the mean values of at least 8 different cells, each measured at 2–3 different locations
within the lamellum center. The elastic constants decreased significantly for 50 nM of
jasplakionlide and 750 nM of ML-7, whereas the application of 80 nM cytochalasin D
only slightly increased the elasticity.
Beside the additional information about network properties and its change due to drug
treatment, the elasticity of the lamellum was necessary to analyze retrograde force mea-
surements. Namely, the elastic constant K was used to calculate the indentation depth
δ of the bead into the lamellipodium (Fig. 4.5) with the defined vertical force during the
experiment. In this case K can be calculated with the simpler Hertz model (cell body:
K = 1.16± 0.16 kPa, lamellipodium: K = 2.64± 0.74 kPa, n = 10), since numerical
corrections in the Tu or Chen model are undone when calculating δ as described before
(Sect. 3.2.2). For large indentations (in the order of the bead radius) axial strains can
be as high as 100%, and a linear elastic behavior of the cell is debatable (Gardel et al.
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Figure 4.8.: Keratocytes Elasticity. (A) The elastic constant of the lamellipodium of different
drug treated cells; ML-7 and jasplakinolide (Jasp) reduce, while cytochalasin D (CD) slightly
increases the elastic constant K. (B) The elasticity measured on the cell body stays constant
over a large indentation and a large force range, respectively.
2004). To test this problem, a cell body was deeply indented by the cantilever four times
with increasing forces. These were even larger forces (≈ 25 nN) than the upward ones
measured in most of the actual experiments, and the elastic constants of the cell were
determined. The calculated elasticities showed no dependence on the applied force as
shown in Fig. 4.8B, thus, validating a linear approximation throughout the cell.
4.2.4. Velocity Distribution
The thin lamellar structure in front of moving keratocytes allows to observe pattern
motion within this structure by high resolution phase contrast imaging. With the shape
detection and feature tracking routines described before (Sect. 3.4), the images were
analyzed as shown in Fig. 4.9. The cell’s velocity which corresponds to the central edge
velocity, the retrograde flow average within the central and the lateral lamellum, as
well as the polymerization velocity at the central leading were determined. Untreated
keratocytes and keratocytes with altered molecular organizations due to cytoskeletal
drug treatment were investigated. The feature tracking analysis of the retrograde flow
field allows to average over different areas with decisive angles, thus, the determined
velocities are mean values for these regions. Gradients, for example from the edge to the
rear, are not considered.
A typical flow map revealed from the analysis together with a kymograph from the
central lamellar region are shown in Fig. 4.9. The protrusion velocity for untreated
keratocytes was determined to be 10.3± 3.6 µm/min (n = 49) and the retrograde flow
velocity in the central lamellum to be 4.0± 1.7 µm/min, consistent with retrograde flow
velocity revealed from kymographs of the phase contrast image series. The retrograde
flow in the wings was drastically higher (7.7± 1.8 µm/min). The resulting polymeriza-
tion velocity at the central leading edge was determined to 12.8± 4.0 µm/min.
The effect of drug treatment on the measured velocity distribution varied within the
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Figure 4.9.: Keratocyte velocity distribution. (A) Analyzed retrograde flow map which reveals
edge velocity (yellow arrows, scaling vectors 10 µm/min) and retrograde flow distribution (white
arrows, underlying color gives magnitude in µm/min) and calculated polymerization velocity at
the leading edge (red arrows). The inward flow is strongest in the wings, the flow values in the
body region are discarded. (B) Kymograph shows time devolution of the leading edge in the
central part of the lamellipodium, marked by the red line in the right panel. The retrograde flow
in rearward direction is visible as slanted stripes.
different measured regions. Beside deoxycholate, for all drug concentrations chosen a
general decrease in velocities was observed for all cells measured. Consistent with the
velocity measurements on drug-treated cells presented before (Sect. 4.2.1), the protru-
sion velocity was reduced about 60% for motor inhibiting drugs (blebbistatin, ML-7) and
polymerization affecting drugs (cytochalasin D, jasplakinolide). The decreasing influence
of ML-7, blebbistatin, and jasplakinolide on the retrograde flow velocity is stronger in
the lateral wings (Fig. 4.11) than in the central lamellipodium, whereas cytochalasin D
effects the central retrograde flow more significantly. This difference in velocity distri-
bution change accounts for the distinct effects of the applied drugs on the underlying
mechanisms. Upon application of myosin inhibiting drugs, ML-7 (750 nM) and blebbis-
tatin (100 µM) the retrograde flow velocity decreased in the central lamellipodium (for
ML-7: 2.5± 0.7 µm/min, 63% of controls, and for blebbistatin: 2.4± 1.1 µm/min, 60%
of controls, respectively). The effect on retrograde flow velocity in the wings was stronger
(for ML-7: 4.2± 1 µm/min, 54% of controls, and for blebbistatin: 2.9± 1 µm/min, 38%
of controls, respectively ), but did not cease actin transport in the wings. The cell ap-
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Figure 4.10.: Cytoskeletal drug influence on cell velocity: Edge velocity (red), retrograde flow
velocity in the central lamellum (blue) and in the wings (dark blue), and resulting central poly-
merization velocity (rose) as determined via feature tracking analysis. The inset shows the color
code within the cell area corresponding to the velocities. The values close to the bars give the
relation between the retrograde flow in the wings and in the central lamellum. Besides deoxy-
cholate, the drugs decreased all analyzed velocities within the cells in the applied concentrations.
Error bars represent the standard deviation for each series.
proached a rather homogeneous flow rate throughout the entire lamellipodium, as shown
for example for application of blebbistatin in Fig. 4.11.
Similar, the decreasing effect on retrograde flow velocity of jasplakinolide (50 nM)
was as well stronger in the wings (2.6± 1.3 µm/min, 34% of controls) than in the
central lamellum (1.9± 1.2 µm/min, 47% of controls). Application of cytochalasin D
(80 nM) reduced the retrograde flow velocity, especially in the central lamellipodium
to (1.6± 0.7 µm/min, 41% of controls) and in the wings to (3.8± 1.2 µm/min, 50%
of controls). Application of latrunculin A (20 nM) reduced the retrograde flow in
both regions (central 2.8± 0.7 µm/min, 69% of controls and wings 5.2± 1.1 µm/min,
66% of controls). In contrast, deoxycholate (400 µM), which reduces membrane ten-
sion (Raucher & Sheetz, 2000), did not significantly change the protrusion velocity
(11.8± 2.3 µm/min, n = 9; 115% control), yet the actin polymerization velocity in-
creased slightly from 12.8± 4 µm/min to 15.2± 2 µm/min together with an increase
of the retrograde flow, especially in the central region to 5.5± 1.7 µm/min (138% con-
trol) and to 8.5± 1.2 µm/min in the flanks, respectively. An overview of the measured
velocity distributions is given in Fig. 4.10.
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Figure 4.11: Keratocyte velocity distribu-
tion after blebbistatin treatment (100 µM).
Cell edge velocity (yellow arrows), polymer-
ization velocity (red arrows), and retrograde
flow velocity (white arrows, underlying color
gives magnitude µm/min) are reduced com-
pared to untreated cells, the retrograde flow
especially in the wings. The cell exposed a
rather homogeneous flow rate through the
entire lamellipodium. Inset shows phase con-
trast image.
4.2.5. Fragments
The application of staurosporine induced, similar to high concentrations of blebbistatin,
a widening of the cells. Actually, lamellar pieces crawled away from the cell bodies and
were usually connected by long tethers before they eventually broke the connections.
In general, the resulting fragments maintained the persistent directional movement of
intact cells, and were similar in morphology. However, increased fluctuations of the
leading edge boundary did not allow an analysis with the feature tracking routine in this
region. The COM-speed analysis with the shape detection routine revealed a velocity of
14.3± 3.8 µm/min (n = 9), which means fragments move as fast as intact control cells
(12.7± 4.0 µm/min), considering that the fluctuations in the leading edge boundary
may increase the determined COM-speed. The feature tracking analysis was successful
within the lamellar region and a retrograde flow in the center could be determined to
be 5.2± 1.0 µm/min. The slightly changed morphology did not allow to differentiate a
distinctive wing region. A phase contrast image of a fragment and its analysis is shown
in Fig. 4.12.
Figure 4.12.: Keratocyte fragment. (A) Phase contrast image of a lamellipodium ripped from
a cell. Shape and movement are similar to intact cells. (B) Feature tracking analysis of the
fragment allows to determine the retrograde flow (white arrows, underlying color code gives
magnitude in µm/min), edge velocity (yellow arrows) and polymerization velocity (red arrows).
The retrograde flow within the central lamellum is slightly higher compared to control cells,
values at the rear are not considered. The alteration in flow direction at the rear is clearly
visible.
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4.3. Lamellipodium Protrusion Force
The lamellipodial protrusion stall force is key element in understanding protruding force
generation. It’s behavior during force build-up reflects the underlying mechanisms and
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Figure 4.13.: Lamellipodium stall force measurement. (A) Interference reflection microscope
images of the experiment. The time is given in the upper right corner and corresponds to the
time in panel B. The polystyrene bead is visible as bright spot near the center of each image.
The leading edge of the lamellipodium was indented which can be seen in the image taken
at 15 s. (B) Lateral deflection and height signal measured by SFM. The lateral deflection is
directly proportional to the force (demonstrated by red shaded gradient) and increased within
seconds, the first peak occurred when the leading edge was halted, which was here determined
to 415± 85 pN. The height signals increased when the rear of the lamellipodium was able to




4.3.1. Stall Force Measurements
The preset vertical force of the cantilever on the substrate was relatively high (≈ 10 nN)
with a relative soft cantilever (≈ 30 mN/m) so that the leading edge of the lamellipodium
was halted. The cell approached the bead and pushed against it leading to a vertical
and lateral deflection which can be converted into height and force, respectively (as
described in Sect. 3.2 and Sect. 4.1). The data for such a lamellipodial stall force
measurement are shown in Fig. 4.13. The lateral deflection (red line) increased when
the leading rim encountered the bead and pushed against it. The lamellipodium of a
cell was considered successfully stalled when a clear indentation in the lamellipodium
was visible in IRM images. The lateral deflection, which directly corresponds to the
forward force, reached a maximum and decreased with varying slopes. Time-shifted to
the maximum lateral deflection, the vertical deflection, which corresponds to the height,
increased when the lamellum was able to squeeze underneath the bead. The second
increase of the lateral deflection is due to the strong body forces which pushed again
against the bead in the plane of movement. The maximum value of the stall force
was for normal keratocytes usually reached in less than 10 s and is here denoted as rise
time. The mean force to locally stall the lamellipodium of keratocytes was 474± 151 pN.
Assuming a lamellipodium height of 250 nm encountering a part of the half sphere of a
6 µm-bead, results in a projected area of 0.4 µm2, leading to a mean stall pressure of
1180± 370 Pa (mean ± std; n=33; 1 Pa=1 pN/µm2).

























































































Figure 4.14.: Cytoskeletal drugs influence on lamellipodium stall pressure and force build-up.
(A) A significant, dose dependent reduction in lamellipodium stall pressure (blue bars) was found
for cells treated with cytochalsin D (CD). Jasplakinolide (Jasp) and ML-7 showed no effect in the
determined stall pressures. Maximum slope (short time) during force build-up (as in B) is shown
in the same diagram, right axis (violet bars). (B) Lamellipodium stall force measurement of a
control cell (close-up of Fig. 4.13, smoothed). The lateral deflection can be directly converted
into force (Eq. 4.1 and Eq. 4.2) The slope (red) of the increasing force is regular and steep, the
segment shadowed in red was used to determine a force-velocity curve (Fig. 4.15B).
The lamellipodial stall forces were measured on cells for several drugs with varied
concentrations and the stall pressures (force per area) were determined as illustrated in
Fig. 4.14. The application of polymerization inhibitor cytochalasin D reduced the lamel-
lipodal stall force in a dose-dependent manner between 60− 100 nM. For concentrations
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of 80 nM and 100 nM of CD the leading edge stall pressure decreased to 790± 320 Pa
(n = 16; 67 % of controls) and 520± 100 Pa (n = 3; 44 % of controls), respectively,
which was significant (p = 0.01). Reducing actin turnover by applying jaspklakinolide
did not lead to a significant change for the stall pressure with 1190± 410 Pa (n = 14) at
a major concentration of 50 nM. The mean lamellipodial stall force per area measured
on ML-7-treated cells (750 nM) were slightly higher with 1310± 320 Pa (n = 14), but
not significantly changed.
4.3.2. Load Dependence
To ensure that the observed behavior is not an artefact from the measurement conditions,
different bead sizes were tested to exclude any distortion of the bead geometry. The time
to build up the force against the bead could depend on the velocity of the contact closure
between bead and leading edge. It was found, that the rise times measured with ∅ 3 µm-
and 6 µm-beads were almost identical and did not depend on th bead geometry.
The force build-up behavior was different for drug treated cells and controls, gener-
ally smooth for normal keratocytes as shown in Fig. 4.14B, but a step-like behavior,
characterized by pausing events was observed for drug treated cells as presented in
Fig. 4.15A. On short time scales, the force build-up behavior for some drug treated cells
showed slopes as steep as in normal keratocytes as is illustrated with the bar diagram
in Fig. 4.14A.
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Figure 4.15.: Force build-up under drug influence and load dependence. (A) Force build-up
behavior of control and drug treated cells. Within a few seconds untreated cells exert a force
against the cantilever until a certain plateau is reached and then diminished. The measurements
on drug treated cells revealed in general less steep, hesitant slopes of the force build-up. In ML-7
and jasplakinolide treated cells the stall force remains unchanged, however the time to build up
the stall force increased considerably. Cytochalasin D treatment caused a significant drop in stall
pressure and a significantly increased rise time to build-up this pressure. The CD treated cells
were not capable to generate force with normal efficiency. (B) The force-velocity curve for the
lamellipodium shows a concave behavior
From the observed force build-up (Fig. 4.14B), the resulting force-velocity curves, i.e.
load dependence, can be determined (Fig. 4.15B). The normalized time derivative of
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the lateral deflection plotted versus the forward force resulted in a force–velocity (f–
v) curve, which is concave shaped. This curve gives information about the behavior
of the cantilever deflection velocity or the force build-up, respectively, when the cell is
influenced by an increasing opposing force.
The above mentioned data for different bead sizes indicate that the obtained force-
velocity curve reflects the stalling behavior of the force generating mechanism at the
leading edge of the lamellipodium. The force velocity curves of cytoskeletal drug treated
cells show according to their stall force measurement a changed behavior. This load
dependent behavior is essential to interpret the measured forces with different mathe-
matical models. A model which is introduced in Sect. 5.1 is able to describe the load
dependence and its change due to altered molecular organization in case of drug appli-
cation by a corresponding parameter change in simulations.
4.4. Retrograde Force within the Lamellum
The retrograde force is generated in the midst of the lamellum, therefore, key player to
understand the balance and interplay in the system.
The preset vertical force of the cantilever on the substrate was chosen small (< 3 nN)
according to the measurements’ requirement. The cell approached the bead, the leading
edge first pushed against it until it squeezed through the gap. The bead on the dorsal
surface of the lamellum indented into the underlying structure as illustrated in Fig. 4.5.
The flow of the underlying material caused a torsion of the cantilever into the opposite
direction as the protrusion force, which is reflected in the lateral deflection as presented
in Fig. 4.16. After an initial peak, which correlates in the IRM images with the contact
time, the lateral deflection became negative in protrusion direction, while the height
signal reached, time-shifted with respect to the leading edge force pushing against the
bead, a plateau. A second force reversal is related to the pushing cell body. During this
type of measurement the total force generated by all known (as well as any unknown)
processes was captured and no specific individual element of the material flow, such
as actin or the cytosol could be identified. Passive and active cytoskeletal transport,
hydrodynamic flows, and lipid transport were included in the measured rearward directed
forces which can be associated to the retrograde flows observed in the phase contrast
images.
Typical rearward forces measured in the central region of the lamellipodium were
130± 70 pN (mean±std; n = 9) and significantly higher in the flanks with 260± 150 pN
(n = 16). Considering the indentation of the bead into the lamellipodium according to
the specific preset force, a force per area was determined to 180± 70 Pa in the central
lamellum and 480± 270 Pa in the flanks. This relation is consistent with the retrograde
actin flow analysis of the phase contrast images as presented before (Sect. 4.2.4). Upon
application of 750 nM ML-7, the retrograde force in the central lamellum was significantly
higher with 320± 170 pN (mean±std; n = 8). The elasticity of the lamellum in ML-7
treated cell was measured to be drastically reduced by at least 40 %, as presented in
Sect. 4.2.3. A larger contact area due to a deeper indentation into the lamellum had
to be considered and resulted in a retrograde pressure of 220± 120 Pa, which is not
significantly different from control cells.
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Figure 4.16.: Retrograde force measurement. (A) IRM images of the experiment. The time is
given in the upper right corner and corresponds to the time in panel B. The polystyrene bead
is visible as bright spot near the center of each image. (B) Lateral deflection and height signal
measured by SFM. The lateral deflection is directly proportional to the force (demonstrated by
red shaded gradient) which increased when the leading edge pushed against the bead, but then
lifted it up, which is reflected by the increasing height signal. Then, the lateral deflection altered
and became negative on top of the lamellum (at 24 s the polystyrene bead in the IRM image
became darker, due to a higher distance to the surface). The bead indented the lamellum and
the measured force was opposite to the protrusion direction, caused by the retrograde flow of
the underlying material. Here a retrograde force of 89± 18 pN was determined. Then, after 30 s
the strong cell body forces pushed, and both signal increased again.
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The amount and direction of this measured force allowed to compare it with actual
hypotheses of force generation, their interplay, and balance within the cell. In Sect. 5.2,
a model to describe the measured forces is introduced which revealed possible underlying
mechanisms generating these forces.
4.5. Cell Body Force
The whole cell stall force is predominately determined by the forces which pull the cell
body in a migrating cell, shortly termed cell body forces which were determined by the
SFM-technique. These considerable forces for motion result in traction forces exerted
against the surface which also were measured for comparison.
4.5.1. Stall Force Measurements
For these experiments stiffer cantilever were used (30 mN/m) and high preset vertical
forces (≈ 100 nN) were chosen. The cell approached the bead, lamellipodium, and lamel-
lum withdrawed upon strong opposing force until the cell body reached the cantilever.
A measurement was considered a successful stall when the cell could not overcome the
cantilevered bead and either stopped translocation or moved in the opposite direction.
In a successful experiment the height signal did not change, since the cell was not strong
enough to lift it up. Therefore, an increase in the lateral deflection signal with different
rise times depending on the actual reaction of the cell was observed and decreased again
after a maximum. A cell body stall force measurement with corresponding IRM images
is shown in Fig. 4.17. In whole cell stall SFM-experiments, the observed forward forces
reach their maxima when the lateral wings eventually become the front of the cell. The
cell body or whole cell stall force, respectively, was quantified to 68± 18 nN (mean±stdv;
n = 36). To calculate the pressure, the cells were assumed to completely cover the half
sphere of the beads which led to a total protrusion pressure of 2.33± 0.65 kPa. The
maximal stall force over plating day slightly fluctuated within the error bars.
The cell body stall forces were measured on cells for several drugs with varied con-
centrations as illustrated in Fig. 4.18. Only the application of cytochalasin D revealed
a significant dose dependent (between 60− 100 nM) reduction of cell body forces with
25± 4 nN (n = 5, p ≤ 0.01) for 100 nM CD, which is a decrease of stall force by more
than 50 % compared to controls. No significant change in maximum force was deter-
mined for cells treated with 30 nM jasplakinolide with 56± 11 nN (n = 9). Inhibition
of myosin with ML-7 at concentrations ranging from 200− 750 nM did not result in a
significant decrease of the whole cell stall force with 57± 17 nN (n = 3). Blebbistatin
did not significantly affect the whole cell stall force at a concentration of 500 nM with
53± 18 nN (n = 5). However, to test for a relation between whole cell stall force and
myosin, a higher concentration of blebbistatin (100 µM) was applied and the cells were
measured approximately 30 min after drug application. At such high concentrations
(100− 500 µM) most cells widened with respect to their long axis as seen in the flu-
orescent stain in Fig. 4.7 and many cells started fragmentation. Only two cells were
successfully measured and a significant reduction was found with 25± 6 nN.
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Figure 4.17.: Body stall force experiment. (A) IRM images of the experiment. Time is given in
the lower right corner and corresponds to the time in panel B. The polystyrene bead is visible as
bright spot. The cell hit the cantilever–bead which pushed with a high preset force against the
surface. The cell was not able to overcome this obstacle and split around the bead (50 s). The
wings strove forward and became the front (100− 150 s), during this time the maximal force was
exerted on the cantilever as shown in panel B. Then ,the the bigger part of the cell turned in
a big circle around the bead, which pinned the cell, whereas the small lamellar part still strove
forward. Finally, the cell divided and the small lamellar part moved independent from the cell
(770 s). (B) Lateral deflection signal measured by SFM which is directly proportional to force.
The force increases continuously (demonstrated be the red shaded gradient) as long as the cell
pushed in one direction, until it reached a maximum at ≈ 200 s. When the cell turned, the force
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Figure 4.18.: Whole cell stall forces under cytoskeletal drug influence. A significant dose depen-
dence of maximum stall force was found for cytochalasin D treated cells. Blebbistatin decreased
the stall force only at high concentrations, measured shortly after application. Jasplakinolide
(Jasp) and ML-7 showed no effect on maximal cell stall forces. Asterisk: measured already
30 min after drug application. Bars are mean±std.
4.5.2. Traction Force Measurements
The forces migrating keratocytes exert via traction onto the surface were measured on
deformable polycrylamids substrates. By embedded beads which are shifted within the
elastic gel surface by the crawling cells, the deformation field can be analyzed as described
in Fig. 4.19. The deformation field and the analyzed force map of a keratocyte moving on
a gel of Young’s modulus E =1500± 300 Pa is shown in Fig. 4.19, which was established
in the workgroup within the master thesis of T. Fuhs (2007).
Figure 4.19.: Traction force microscopy. The keratocyte is outlined (in blue, respectively black),
scale bars correspond to 20 µm. (A) Overlay of fluorescent microscopy images of the deformed
gel (green) and the relaxed gel (red). (B) Analysis of the deformation field (white arrows give
direction, color code its magnitude in Pa). Vectors outside a certain range away from the cell
were discarded. The traction forces were strongest in the wings of a keratocyte.
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4.6. Putting the Puzzle Together
The lateral wings of a typical keratocyte generated a total traction force on deformable
substrates of 100± 20 nN.
4.6. Putting the Puzzle Together
The presented results yield a circumstantial characterization of motility model systems.
Keratocytes have been treated with different cytoskeletal drugs to alter the underly-
ing mechanisms driving protrusion and the such opened phase space was investigated.
High resolution phase contrast imaging and its analysis revealed the protrusion velocity,
retrograde flow velocity, and polymerization velocity. The lateral force measurement
technique with the SFM allowed to measure the protrusion stall force of the leading
edge, a retrograde force within the lamellum, and the stall force of whole cells. Finally,
analysis of crawling keratocytes on elastic substrates revealed the exerted traction forces.
A circumstantial force map of keratocytes could, therefore, be established as illustrated








~0.5 nN (~1200 Pa)
Central Retrograde Force
~0.1 nN (~180 Pa)
Lateral Retrograde Force
~0.3 nN (~480 Pa)
Figure 4.20.: Illustration of the measured parameters for a migrating fish keratocyte. The
force and velocity measurements result in an extensive physical picture of force and velocity
distribution for this cell type. Cell body protrusion force is shown in violet, lamellipodium
velocity and stall pressure in red, retrograde actin flow and pressure in the center lamellipodium
in light blue, and inward actin flow and pressure in the lateral wings in dark blue. Traction force
exerted to the substrate in the rear part is illustrated in hollow black contraction arrows.
The measured effects of drug application allow to reason for the origins of the mea-
sured forces. An overview of the measured parameters, and their change due to drug
application is given in Table 4.1.
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4. Results
Keratocytes Control CD Jaspla Lat A ML-7 Blebbi Deoxy





























12.8±4 3.9±1.6 2.4±1.7 8±2 5.4±1.7 5.3±1.5 15.2±2
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Table 4.1.: Overview of the measured parameters in keratocytes and their change due to al-
teration of molecular organization by cytoskeletal drugs. High resolution imaging and analysis
revealed the velocity distribution in different populations (number of measured cells for retro-
grade flow velocities in central and lateral lamellum and for polymerization velocity are the same
as for the edge velocity within one population, but left out for clarity). The lateral SFM-technique
allowed to determine the stall force of the leading edge, a retrograde force, and cell body stall
forces (*Body-Force, measured with 100 nM CD; **measured with 30 nM jasplakinolide).
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5.1. Load Dependence of Protrusion Forces
In this section a model is introduced, which describes the force–velocity behavior of
the measured lamellipodium protrusion stall force presented in Sect. 4.3. The model
simulates the load dependence behavior of protrusion force generation and was derived
in cooperation with the Max-Delbru¨ck-Center for Molecular Medicine (Juliane Zimmer-
mann, Martin Falke; Zimmermann et al. (2010), submitted).
5.1.1. Basic Concept
The model combines different descriptions of two regions of the protruding actin network,
which can be distinguished. The bulk consists of long filaments, crosslinked by myosin
(Svitkina et al., 1997), which can also contract the network and is attached to the
substrate by integrins. This region has viscoelastic properties and can be described with
a continuum approximation, based on the theory of active polar gel (Kruse et al., 2005),
further denoted as actomyosin gel. In a small range between leading edge membrane
and the average first cross linker, newly polymerized tips of filaments stick out of the
actin gel and can freely fluctuate. It comprises the gel boundary and can be described
with a generic theory as polymer brush (Gholami et al., 2008). The width of this region
is denoted by z and is, with less than 2 µm, small compared to the gel width of typically
10 µm. Two different filament populations are considered in the brush: filaments either
attached to the membrane or detached from it. On the other side, the actin gel provides
support for the filaments in the brush, so that they can transfer mechanical momentum to
the membrane. The freely fluctuating part of a filament measured from the gel boundary
to the tip is flexed by Brownian motion and can be characterized by its contour length l.
All filaments are assumed to be directed normal to the membrane. A illustration of the
modeled lamellipodial structure is given in Fig. 5.1.
A filament which is not attached to the membrane pushes the membrane with an
entropic force fd. The probability density distribution P (z) of the filament end-to-end
distance defines a free energy F (z) = −kBT lnP (z), from which the average normal force
on the membrane can be derived as (Frey et al., 1998):
〈f〉 (z) = −∂F (z)
∂z
. (5.1)
The scale of this force is given by the Euler buckling force
fc = kBT lp/l2 , (5.2)




















Leading edge membrane  Gel boundary
Figure 5.1.: Illustration of the model for lamellipodial structure. The cross-linked actin network
in the bulk can be described as acto-myosin gel and the freely fluctuating filaments at the leading
edge as semi-flexible polymer brush with the gel boundary at the average position of the first
cross-linker. Several dynamic processes are considered in the semi-flexible region: filaments
attach to the membrane at the rate ka and detach again at the rate kd; detached filaments grow
by polymerization with the velocity vp, and push against the membrane with entropic force fd;
attached filaments either push or pull the membrane with the force fa; the forces of attached and
detached filaments depend on their contour lengths l and the distance z = y − yg between the
membrane and the gel boundary, which advances with the velocity u. Both forces are counter-
acted by the membrane’s viscous drag and external force fext exerted on the leading edge by the
SFM-cantilever.
& Oster, 1996). In the following, the force dependence on contour length and distance
to the membrane fd(l, z) in the weakly-bending rod approximation derived by Gholami
et al. (2006) is used. The molecular details of filament–membrane links are not yet fully
understood. It is believed that the directionality of cell protrusions is maintained by
directed growth (Carlier & Pantaloni, 2007), but while detached filaments always push
the membrane, during attachment, filaments can also exert a pulling force depending
on their length and position relative to the membrane. Therefore, in the model single
filaments are assumed to transiently attach to the membrane via linker proteins that
behave like elastic springs. Three regimes have to be distinguished for the force fa
exerted by a serial arrangements of polymer and linker: (i) a compressed filament pushing
against the membrane; ii) filament and linker pulling the membrane while being stretched
together; iii) a filament is fully stretched but the linker continues to pull the membrane
by being stretched further. The dynamics of the filaments in this semi-flexible region
are captured by the following set of equations (Gholami et al., 2008):
∂tna = kand − kd(la, z)na ,
∂tld = vp(ld, z)− v˜g(ld, z) + kd(la, z)na
nd
(la − ld) ,
∂tla = −v˜g(la, z) + kand
na




[nafa(la, z) + ndfd(ld, z)− fext(y)] ,
∂tyg = u ,
(5.3)
66
5.1. Load Dependence of Protrusion Forces
with z = y− yg. The total number density of filaments n is assumed to be conserved by
nucleation and capping, however, the number density of attached and detached filament
na and nd vary due to transition between the two populations as described by the first
of Eq. 5.3 (thereby nd = n − na). The attachment rate ka of detached filaments is
constant, whereas the detachment is force-dependent since a pulling force exerted on
attached filaments accelerates detachment, expressed by




with the force-free detachment rate k0d and d =2.7 nm which is the length added by an
actin monomer to the filament. The second and third equation comprise the variation of
the filaments’ average contour lengths. The length of detached filaments ld increases by
polymerization and the polymerization velocity is force-dependent (Mogilner & Oster,
1996): vp = vmaxp exp(−d ·Fd/(kBT )), with the force-free polymerization velocity vmaxp .
The cross-linking velocity vg depends on the contour length since the binding probability
of cross-linkers vanishes for l→ 0, modeled by
vg(l) = vmaxg tanh(l/l¯) , (5.5)
with a characteristic length l¯ and a maximum velocity vmaxg . Filament buckling (l > z)
influences the rate of filament shortening v˜g(l, z) by a factor (Gholami et al., 2008). The
fourth equation describes the dynamics of the leading edge position y. The velocity
of the membrane is proportional to the total force exerted on it, i.e., the sum of an
external force density fext and the force from all filaments. All friction forces or vis-
cous drag counteracting membrane motions are captured by the drag coefficient κ. In
the protrusion stall force experiments, the lamellipodium deflects the SFM-cantilever.
Therefore, the external force fext acting on the leading edge membrane is proportional
to the position of the leading edge y when the cell is in contact with the cantilever
bead, expressed by fext = c(y − yc), with the elastic modulus of the cantilever c, for
y ≥ yc, and fext = 0, for y < yc. The last equation expresses the behavior of the gel
boundary yg. The force boundary condition required to calculate the gel flow is given
by the fact, that the force exerted by the filaments also acts on the gel front, hence
f0 = − [naFa(la, z) + ndFd(ld, z)]. The velocity u of the gel front in the lab frame can be
calculated with the theory developed by Kruse et al. (2005) which captures viscoelastic
properties of the actin network, polarization of the network and active contraction of
the network by myosins. The simplified one-dimensional equations are used to describe
a radial cross-section through the lamellipodium and averaging over its height yielding












with the gel viscosity η and an active contractile stress µ from motor molecules. Stress
in gel is described by f(x), while h(x) is the height of the gel film and v(x) the flow
field in the lab frame. Gel is produced at the gel front, x = 0 by cross-linking filaments
of the semi-flexible region with a velocity vlink. The velocity of the gel front is given
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by u = vlink − v(0), moving slower than the cross-linking rate vlink, since the gel flows
backwards (v(x) is directed opposite to u and vlink). The gel formation velocity equals
the average cross-linking rate:
vlink = [navg(la) + ndvg(ld)] /n . (5.7)
Solving the gel equation can be reduced to determine three coefficients depending on two
dimensionless parameters only. A fit of these dependencies and scaling back to physical
units leads to an adequate approximation.
5.1.2. Modeling in the Light of Experimental Data
Parameters were chosen such that velocity and retrograde flow of the freely running cell
at simulation start (y < yc) were consistent with the experimentally measured data. The
force constants of the cantilever used were the same as in the specific experiment. The
contact length between bead and lamellipodium can be considered by L = 2
√
(d− h)h
with the bead diameter d (6 µm). The range in which forces act on the gel boundary is
broader than the contact length between bead and membrane, due to the tilt of filaments
with respect to the direction of motion. Considering a lamellipodial height of 250 nm,
force densities were integrated over an effective contact length of 4.4 µm to get absolute
force values.
Upon first contact of the leading edge with the cantilevered bead, the leading-edge
velocity in the experiment drops from about 260 nm/s to less than 0.1 nm/s and can be
simulated as shown in Fig. 5.2. The velocity drop in the experiment is observed as the
difference between the free cell velocity and the first detectable cantilever deflection ve-
locity. The simulation in Fig. 5.2D shows that the instantaneous appearing velocity drop
occurs within a few milliseconds. The leading edge responds sensitively to minor oppos-
ing forces in the range of the zero point fluctuation of the cantilever (≈ 0.5 nN), since
they are very similar to the resultant forces exerted by attached and detached filaments
on the leading edge membrane (in the range of 0.02 nN/µm). Upon cantilever contact,
the filaments in the polymer brush cannot transmit the external force to the gel with-
out buckling, and the brush depth shrinks. However, according to the force–extension
relation of semi-flexible polymers (Gholami et al., 2006) the shortening of the polymer
contour length enables the polymers to straighten out. Since the external opposing force
prevents forward protrusion, the ongoing polymerization pushes the actin gel rearward,
and the retrograde flow accelerates as simulation illustrates in Fig. 5.2D (red line). The
external force shifts the partitioning of the polymerization velocity between protrusion
and retrograde flow, in agreement with an approximately constant sum of protrusion ve-
locity and retrograde flow (Vallotton et al., 2005). Due to a constant polymerization rate
cell motion stalls when the retrograde flow equals polymerization velocity. According
to its force dependence the detachment rate of the filaments decreases while the brush
shrinks, since the external force pushes the membrane against the attached filaments
(Fig. 5.2F). A slow adjustment of the fraction of attached and detached filament occurs
when motion stalls and the fraction of detached filaments increases, pushing against the
membrane and balancing the external force.
The existence of adaption phases expose the force velocity relation of motile cells
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Figure 5.2.: Comparison of simulations (red) and measurements (black) of the protrusion force
behavior for (A) a control cell, (B) a polymerization inhibitor (cytochalasin D) treated cell, and
(C) a cell treated with myosin inhibitor (ML-7). The upper row shows the deflection of the
cantilever, which corresponds to the force over time. The lower row shows the force–velocity
relation. (D-F) Temporal development of various simulated parameters upon cantilever contact
for control cells; brown dots mark the time of first cantilever contact, blue dots the time when
cell motion stalls. (D) Time course of the leading edge velocity (black), the gel boundary velocity
(blue), retrograde flow velocity (red), and the sum of the latter two (purple). (E) Evolution of
the detached filament length and its ratio to the polymer brush depth. (F) Development of the
fraction of filaments attached to the membrane. A table with the used parameters can be found
in Sect. A.4.
to be an intrinsically dynamic phenomenon, and is confirmed by the predictions of
the model for keratocytes where specific cytoskeletal proteins are inhibited with drugs.
Drug application in the experiment corresponds to a change of parameter values in the
model. The model’s predictions are compared to experiments by fitting the model to
measurements as shown in Fig. 5.2A-C, the required model parameter values with and
without drugs are within a reasonable range (see Fig. 5.3). Cytochalasin D (CD) inhibits
polymerization by capping barbed ends, therefore reducing the length and density of
filaments, and also cross-linking rate. It reduces the cells’ free velocity, delays stalling
by the cantilever and decreases the stall force (Fig. 5.2B). Fits of the model to CD-
69
5. Theoretical Interpretation
Figure 5.3.: Predicted stall force dependency on cross-linking rate and filament density. (A) Red
surface represents the dependency prediction by the model with the parameter values for control
cells. Dots correspond to resulting values for cross-linking rate and filament density from model
fits to measurements as presented in Fig. 5.2. (B) Different angle of view, with two additional
surfaces demonstrating that the scatter of experimenttal data can be explained by the model
within a conceivable, realistic prarmeter value range for such parameters as cross-linking rate,
filament density, viscosity of the actin gel η, and friction coefficient of the actin gel to adhesion
sites ξ (red surface as in A, blue surface with larger ξ, η, green surface smaller ξ, η).
treated cells (n = 8) demonstrate that only filament density and cross-linking rate
decrease significantly relative to control cells. ML-7 inhibits myosin motors which act
as cross-linkers, therefore the cross-linking rate is reduced upon ML-7 application. The
measured retrograde and protrusion stall forces are not lowered upon application of ML-
7, and myosin contraction does not contribute significantly to centripetal actin network
flow in the central lamellipodium of fish keratocytes (further discussed in Chap. 6).
Therefore a small value of the contractility parameter µ of the gel in the model in the
control simulation was used. In agreement with these ideas of myosin action, fitting the
model to ML-7 treated cells (n = 7) reproduces the effect of ML-7 by a reduction of the
cross-linking rate and vanishing gel contraction Fig. 5.2C.
Model predictions for the stall force depending on changed parameters according to
application of cytochalasin D and ML-7 are shown by the surfaces in Fig. 5.3. Stall force
and cross-linking rate increase until a maximum and then decrease. An increasing cross-
linking rate must be compensated by a faster retrograde flow in order to stall motion,
which is the case when the external force is sufficiently large. When the opposing
force is too large, the filament lengths in the polymer brush are reduced to about the
saturation length of cross-linking rate, and the velocity decreases. Since the resulting
force at the leading edge is proportional to the filament density, the stall force increases
with filament density at large cross-linking rate. The stall force decreases with increasing
filament density at small cross-linking rates, due to an increase of the fraction of attached
filaments pulling the membrane backwards.
In summary, the model description comprises all phases of the force–velocity relation
of untreated and drug treated cells qualitatively and quantitatively, confirming a possible
explication of the mechanism due to a model combination.
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5.2. Entropical Depolymerization Forces
In this section, I introduce a model which describes how depolymerization can drive
the actin flow in the lamellipodial region that lies ahead of the cell body in a crawling
keratocyte. The model was derived in cooperation with the Department of Cell Biology,
University of Connecticut Health Center (Charles Wolgemuth, Goegler et al. (2010),
submitted).
5.2.1. Basic Concept
On short timescales the actin cytoskeleton behaves like an elastic solid, but for long
times it is like a viscous fluid. Over a few seconds (i.e., times relevant for cell mi-
gration) the actin cytoskeleton is more fluid-like (Keller et al., 2003; Kole et al., 2005;
Wottawah et al., 2005; Panorchan et al., 2006). This is due to binding and unbinding of
cross-linking proteins, which provide rigid attachments while bound, but upon unbinding
allow the actin to slide. For longer times, transient crosslinks act more as an attrac-
tive filament–filament interaction in a system of diffusing filaments, than as network
stabilizing crosslinkers. Thus, based on four features, the same model as used for ne-
matode sperm motility can be applied (Zajac et al., 2008). First, the actin cytoskeleton
is a compressible, viscoelastic medium; however, on time scales relevant for cell migra-
tion, treating the cytoskeleton as a viscous fluid gives comparable results to viscoelastic
models (Rubinstein et al., 2009). Second, dynamic crosslinking of the actin network
is assumed to produce an attractive polymer-polymer interaction between nearby actin
filaments. Third, the interaction between the polymer and the substrate is treated using
a viscous drag force; i.e., motion of the polymer with respect to the substrate is resisted
by a force that is proportional to the polymer velocity. Finally, in the cytoskeletal re-
gion that is sandwiched between the SFM probe and the substrate, the fluid velocity is
negligible. The first two features mentioned above suggest that on time scales longer
than a few seconds actin filaments will behave like diffusing filaments that are attracted
to one another. Flory and Huggins worked out the free energy for a system such as this.
The Flory–Huggins free energy uses an entropic mixing term to describe how thermal
fluctuations will act to disperse a localized concentration of filaments (Flory 1953). The
free energy for filament–filament interactions is handled phenomenologically via a term
that is proportional to the square of the filament concentration. Working in terms of
the volume fraction of F-actin, φ describes the fraction of a local volume element that
is occupied by F-actin. Assuming that the F-actin is a disordered solution of rod-like






φ lnφ+ (1− φ) ln(1− φ) + xχφ(1− φ) + (lnx3 − x+ 1)) dV (5.8)
where kBT is thermal energy, x = Vp/Vs is the ratio of the average volume of an F-actin
filament Vp to the solvent volume Vs and χ is the polymer–polymer interaction strength.
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ln(1− φ) + φ+ xχφ2)δij (5.9)
where δij is the Kronecker delta function. This stress represents an isotropic pressure in




(φ0 − φ)δij . (5.10)
An equilibrium volume fraction φ0 = (3xχ−3/2) is here defined. Deviations from this
volume fraction produce a net pressure in the F-actin that acts to drive the F-actin back
to this preferred volume fraction. When φ ∼ φ0, the effective stiffness of the F-actin
network (or the hydrostatic compressibility) is σ = kBTφ20/Vs, which is approximately
equal to 103 N/m2.
Forces that are derived from this stress are balanced by viscous sliding of the actin
with respect to itself, movement of the actin through the cytosolic fluid, and by drag
between the actin and the substrate. Assuming that the substrate drag force dominates,
a one-dimensional problem is considered where the cell crawls in the x-direction and the
lamellipodium has length L. For simplicity, the effects of the cytosolic fluid is ignored
and the force due to polymer deformation (the gradient of the stress) is balanced by a
viscous drag force due to sliding of the actin against the substrate, ζv = −σ0∂φ/∂x,
where ζ is a drag coefficient. There is also a frictional drag coefficient for sliding of the
actin against the bead η but we assume that this is small compared to ζ. The actin
depolymerizes via a first order reaction with rate γ. Therefore, the time evolution of the






(φv)− γφ . (5.11)
If the cell is crawling at a constant velocity V0, the steady state solution in the frame of














= 0 , (5.12)
where ζ˜ = ζ/σ0. A stress free boundary condition at the front and rear of the cell is
assumed, φ(0) = φ(L) = φ0, and that φ0 = 0.05. If the force from depolymerization is
to pull the rear of the cell forward, then the velocity at the rear of the lamellipodium is
equal to the crawling velocity. Therefore, ∂φ/∂x|0 = −ζ˜V0 which sets the condition of
the value of γ. We solve Eq. 5.9 using bvp4c in MATLAB. The force per length exerted
on the SFM tip due to the actin flow is then computed as −η∂φ/∂x/ζ˜. The effective
length of the lamellipodium can be determined during the experiment, thus there are
two free parameters for fitting the data, η and ζ˜. Given these parameters, the model
returns γ.
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5.2.2. Modeling in the Light of Experimental Data
The interference reflection microscopy images simultaneously taken with the SFM data,
allow to measure the crawling velocity and the time between the collision of the bead
with the leading edge and the subsequent impact with the cell body. These two values
determine the effective length of the lamellipodium. For the SFM-measurement the
contact area between the cell and the bead can be estimated from the height deflection
of the cantilever, which is also used to compute the indentation of the cell due to the
bead and to convolve this indentation function with the force per length from the model.





















































Figure 5.4.: Representative SFM data and fits from the depolymerization-induced contraction
model. Panels (A)–(C) show data from untreated keratocytes, and panels (D)–(F) are for kerato-
cytes treated with 750 nM ML-7. The depolymerization-induced contraction model fits well the
data for both untreated and ML-7 treated cells. Indeed, the model even captures the behavior
of the actin flow after the flow reverses direction in front of the cell body.
The depolymerization-induced contraction model fits well the data for both untreated
(5 cells) and ML-7-treated (750 nM; 3 cells) cells and even captures the behavior of the
actin flow after the flow reverses direction in front of the cell body (Fig. 5.4). For the
untreated cells, the fits to the data give estimates for the ratio of the drag coefficient to
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the stress coefficient ζ˜ = 0.0022± 0.0012 min/µm, and the depolymerization rate γ =
7.0± 2.6 min−1, and for the ML-7 treated cells ζ˜ = 0.0017± 0.0012 min/µm and γ =
3.5± 1.4 min−1. The model predicts that the ratio ζ˜ is unaffected by ML-7 treatment,
however this can be considered to rely on a cancellation of effects. On the one hand,
the SFM measurements of the stiffness of the cytoskeleton show a decrease of ≈ 41%
(Sect. 4.2.3), on the other hand, other work suggested a decrease in the adhesion of
keratocytes to the substrate upon ML-7 treatment (Jurado et al., 2005) which could
maintain the ratio of drag coefficient to stress coefficient. The depolymerization rates
predicted are consistent with rates of roughly 2 min−1 that have been estimated in other
actin-based cells (Pollard et al., 2000; Watanabe & Mitchison, 2002; Theriot & Mitchison,
1991).
Conclusively, contractile forces due to depolymerization would alone be sufficient to
describe the observed behavior.
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Pioneering experiments of the last decades have led to compelling conjectures how a cell
crawls and some hypotheses have been repeated in so many review articles that they may
appear to be facts. However, even popular statements such as that cellular protrusion
at the leading edge is driven by actin polymerization remained unverified. Moreover,
since it has not been previously possible to measure the central retrograde forces in a
lamellum, all proposed mechanisms for the force interplay in a cell remained on the level
of a hypothesis without a quantitative measurement of this missing force interaction.
Analysis of cytoskeletal dynamics in keratocytes with fluorescence microscopy and EM-
(electron microscopy) imaging revealed the supramolecular organization of the actin–
myosin II system and the dynamics of myosin within keratocytes (Svitkina et al., 1997).
Quantitative fluorescence speckle microscopy (Vallotton et al., 2004) has been used to
study the dynamic organization of F-actin in migrating cells and showed two distinct
actin networks: (1) a small (1–3 µm) high actin turnover zone at the leading edge, the
lamellipodium, followed by (2) the lamellum, a rather percolated network (Ponti et al.,
2004). In the center of the cells, retrograde actin flow velocities have been well character-
ized (Vallotton et al., 2005) and delicate measurements on the cell surface demonstrated
that considerable backward forces can emerge in the lamellum (Choquet et al., 1997).
Speckle microscopy observation on keratocytes with drug-altered molecular organization
of the lamellipodium support the hypothesis of retrograde flow to be driven by acto-
myosin contraction (Jurado et al., 2005), however, the results remained inconclusive.
Although these studies give fundamental insight into underlying structures and their
dynamics during protrusion, the methods used may identify some interactions between
molecular key players, but quantitative conclusion about their role in force generation
cannot be drawn.
So far, traction forces of moving keratocytes were detected perpendicular to their di-
rection of motion by the two-dimensional displacements of small beads embedded in the
plane of an elastic substratum (Lee et al., 1994). Recently, actin dynamics and traction
forces were correlated, by simultaneously observing actin flow and substrate deforma-
tion. By this means, the efficiency of force transmission was mapped and revealed that
slipping and gripping mechanisms are differentially involved in stress transmission in dif-
ferent parts of the cell (Fournier et al., 2010). Nevertheless, traction force measurements
inherently can only unveil maximal forces where strong adhesions provide transmission.
Therefore, generated forces can only be measured partially.
Protrusion force measurements of whole cells within the plane of movement were
carried out by microneedle bending (Oliver et al., 1995). The protrusion stall force
of the lamellipodium was locally determined with a hydrodynamic load generated by
a fluid flow from a micropipette (Bohnet et al., 2006). SFM measurements with a
rearranged setup, where the cantilever is perpendicular to the surface, were able to
measure protrusion forces and load dependency of keratocytes (Prass et al., 2006), but
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the rearrangement does not provide a vertical resolution anymore. However, the methods
used are geometrically limited considering their spatial and especially their directional
resolution and provide only a single perspective. In neuronal growth cones, forces exerted
by the lamellipodium were measured with optical tweezers (20 pN Cojoc et al. (2007)),
but the method is limited to forces below 1 nN, and it is not possible to measure on top
of the cell.
Previously developed approaches have thus been solely able to measure certain cellular
forces at a specific localization of lamellum and lamellipodium. Furthermore, individ-
ual measurements of different cellular force generating mechanisms based on diverse
techniques led to ambivalent results. For example, it was proposed that the plasma
membrane at the leading edge can be propelled by mechanisms such as hydrodynamic
flow or actin polymerization or by myosin-driven oscillatory forces which facilitate cell
spreading (Giannone et al., 2004).
Moreover, it is entirely unknown to which extent forces at different spatial force gen-
erating centers are transmitted throughout the lamellum, if their connecting central
retrograde forces are not measured (compare Fig. 6.1). Thus, explaining separate mea-
surements of these forces has previously lead to controversial interpretations whether
cells are propelled by polymerization or motor activity.
Figure 6.1: Known and unknown forces in
keratocytes. The bars indicate regions were
forces have already been measured: maxi-
mum forces of leading edge and cell body.
In the lamellar region between these, only
velocity distribution of the retrograde flow
have been observed, but no forces of the net-
work have been measured so far.
The complete set of measurements presented in this study shows that both are es-
sential for different parts of the cell as will be discussed in this chapter. The newly
established SFM-based method presented here allows to measure forces in migrating
cells within their plane of movement at different specific locations (Brunner et al., 2006).
The two-dimensional sensitivity (vertical and horizontal) allows to precisely probe all the
dominant internal forces that occur in a migrating cell. Maximum forces generated at
the leading edge of the lamellipodium and the cell body were quantified and, for the first
time, a force associated with the retrograde flow opposing the direction of motion was
directly measured within the central and lateral lamellipodium. High resolution imaging
and lamellipodium feature tracking analysis allowed to determine velocity distributions,
for edge protrusion, retrograde actin flow, and the resulting polymerization velocity.
Combined with traction force microscopy, these measurements provide a uniquely com-
prehensive dynamic force map that gives the magnitude and direction of the intracellular
forces in fish keratocytes as previously illustrated in Fig. 4.20. The complete force map
shows two distinct force mechanisms responsible for the motion of the cell body and
of the central lamellipodium, spatially separated by the opposing retrograde force in
between. The selective manipulation of molecular components by addition of different
drugs that inhibit or stimulate either actin polymerization or motor related contractility
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allows to identify the molecular origins of the forces and – for the first time – to identify
the underlying force producing mechanism for different regions and their interplay. The
generated picture allows to exclude some hypotheses and reveals myosin contractility to
be responsible for the motion of the cell body and that actin polymerization is solely
driving the lamellipodial protrusion.
The results and their interpretation are discussed in detail and set into context of ac-
tual research in the following chapter, starting with general features considering principle
and technique of the newly developed measurement method.
6.1. A New SFM-based Method to Measure Cellular Forces
In the field of cell motility research, forces are often estimated by calculation. The SFM-
technique presented in this study allows a direct coupling of the sensor to the forces
exerted by the cells within the plane of movement. Since cellular advancement is material
transport, the internal forces that drive this transport are the origin of cell migration.
The transported material (including membrane flows, hydrodynamic flows, and active
transport of the cytoskeleton) in the migrating cell pushes against the cantilever, leading
to a vertical and lateral deflection which can be converted into force. The velocity
distribution within a cell, e.g., polymerization, protrusion and retrograde flow velocity
must originate from generated forces. However, a linear dependency between force and
velocity can not be assumed due to the complexity and redundancy of the system.
Nevertheless, the method used in this study is mechanically related to cells, therefore,
it influences the cell and it remains to be discussed to what extend the measurement
conditions influence the results. When freely moving on a cover slide, cells move with
practical no protrusion forces since the cell medium does not oppose very much the
protrusion. Comparable to quantum mechanics, it is not possible to measure the system
without intervention, i.e., to measure a force, an opposing force has to be applied. The
measured forces presented here are no physical constants, because they depend on the
opposing load which they have to balance. Though, balancing a force means considerable
deformation on the cell and maximum forces can only be observed when the cell is
maximally deformed. Strong deformations change the lamellipodial structure drastically,
but also under fully physiologic conditions a cell which exerts a force will experience
a deformation and an according change in cytoskeletal structure which, therefore, is
inherent and physiologic. A specific reaction of the underlying molecular mechanisms
within the deformation, such as an increased polymerization rate or decreased polymer
length due to the opposing force cannot be resolved with the SFM-technique. Anyhow,
such changes due to deformation would be a systematic error of the measurement and
turn neglible considering relative changes in force generation, e.g. due to alteration
by drug application. At this point, modeling the actin network and simulating the
experimental data allow to describe and further predict the internal behavior.
Furthermore, the forces measured under the conditions of a polystyrene bead are
inherently lower limits since friction between bead, substrate, and cell are not taken into
account. Adhesion between cell and substrate is necessary to transduce generated forces
into motion by transmembrane proteins coupling the cytoskeleton to the environment.
With the force and velocity experiments presented here these forces cannot be identified.
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Therefore, all force and velocity measurements were carried out under equal conditions,
on untreated glass surface which is adequate for keratocytes. Separate traction force
measurements were accomplished on elastic substrates to quantify these forces.
The membrane itself, a thin fluid-like bilayer, is supposed not to affect the force
measurements on any interface considerable. Between bead and cell surface, no stick–
slip could be observed, indicating that no adhesion sites are formed, which otherwise
would be reflected in the detected force build-up signals. In some experiments the cells
were finally able to squeeze successfully underneath the cantilever and it was observed,
that the signal dropped abruptly back to zero when the cell transcended the gap, which
also indicates no sticking to the membrane. That means that the bead is only coupled
to the cell through friction.
In stall force measurements, the cell pushes against the bead which is pushed with a
preset force onto the substrate. Therefore, it has to overcome the static friction between
bead and substrate, which is unavoidable in this arrangement. The measurement method
cannot provide a differentiation within the measured forces and, thus, losses due to
friction between bead and substrate or cell. However, for the measured stall forces, the
losses are marginal, since the measured forces are very close to the maximal forces in
similar measurements where no friction between probe and surface is given (Prass et al.,
2006).
In measurements where the cell slides under the cantilever (retrograde force) and no
stall force can be determined, the measured forces are inherently lower bounds for the
acting forces due to frictional losses. Resulting from the conditions during experiments,
dynamic friction forces are lower than in stall force measurements that are able to hold
the cell back. Nevertheless, friction is strong enough that most of the generated force is
picked up by the SFM-cantilever. Thus, the forces generated within the cells can only
be larger, causing relative changes between varied regions to be more significant, which
more importantly does not qualitatively change their relationship.
The particular low-noise lateral deflection is directly proportional to the cell forces in
the plane of movement. Depending on the direction of material flow, the cantilever is
pushed away from the cell (compare first and second increase in deflection in Fig. 4.16)
or towards the cell (compare decrease in deflection in Fig. 4.16). This change in force
direction already demonstrates that the leading edge’s protrusion forces must be gener-
ated locally and do not directly rely on the force generating mechanisms leading to cell
body advancement. The force associated with the retrograde flow opposing the direc-
tion of motion was directly measured. This already demonstrates that central lamellar
forces are generated exclusively at the leading edge, propel the lamellipodium, and are
independent from forces generated to protrude the cell body. Critically, protrusion and
retrograde forces are opposite in direction, so neither the cell body can physically push
the lamellipodium forward, nor the leading edge of the lamellipodium can pull the cell
body. This is further supported by the reaction of keratocytes to treatment with myosin
light chain kinase inhibitor (staurosporine), which induces fragments (Fig. 4.12). Lamel-
lar parts of the cells split off, manifesting the underlying machinery to be capable to
move independently.
In the following sections the results are summarized for the different regions of interest
within the cell. Further relations between different measured features for each specific
region will be illustrated and I will discuss what the measurements revealed concerning
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Figure 6.2.: Lamellipodial stall force and rise time plotted versus free velocity. (A) No correlation
between lamellipodial stall force and the cell’s free velocity appears. (B) The rise time to build
this force up, however, is slightly increased for slower cells. Black line shows a linear fit to the
data. Error bars correspond to the measurement for each cell.
the underlying mechanisms and their bilateral influences. Finally, the developed picture
of keratocyte motility is illustrated and explained.
6.2. Lamellipodium Protrusion
During cell locomotion, the protrusion of the lamellipodium, including the leading edge,
is of special interest since it is the steering front of motile cells. Lamellipodium protrusion
forces are generated exclusively at the leading edge and are not directly coupled to
cell body forces, but which mechanism is producing this force has not been definitely
clarified. A commonly believed, yet unproven process is polymerization of the actin
network pushing at the leading edge, which could be driven by an elastic thermal ratchet,
though so far no experimental evidence was found.
Protrusion Force Keratocytes’ lamellipodia were successfully stalled and the force
build-up behavior over time was detected. The mean front stall pressure (i.e., force
per area) was measured to be 1180± 370 Pa (n = 33). The value agrees well with previ-
ous results of protrusion force measurement on keratocytes with a different SFM-based
method (≈ 1 kPa) (Prass et al., 2006). It also agrees with expectations from in vitro
polymerization stall pressures obtained from comet tail bead motility studies (≈ several
hundred Pa) (Marcy et al., 2004) and actin network growth studies (≈ 1 kPa) (Parekh
et al., 2005). The value of this force is indeed in a range which allows to attribute
it to actin polymerization as the following estimation shows: a single actin filament is
able to generate a stall force of about 1 pN (Footer et al., 2007). Assuming a rather
homogeneous distribution of these filaments and a similar density of barbed ends of
1370± 58 ends/µm2 as found in fibroblasts (Abraham et al., 1999) this indicates that
the observed force can be explained by actin polymerization alone, even if not all barbed
ends contribute to propulsive force, since many of them are capped, not related directly
to the membrane, or bound to the membrane (as described in Chap. 2).
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The lamellipodial stall force did not depend on the initial cell’s free velocity as illus-
trated in Fig. 6.2A. However, the time to build up the protrusion stall force increased
for slower cells as shown in Fig. 6.2B, which means the lamellipodium protrusion power
correlates to its velocity. The analysis of the velocity distribution achieved by high-
resolution image observation of freely moving cells revealed a correlation between poly-
merization velocity and cell speed for all populations (untreated and cytoskeletal drug
treated cells) as shown later in Fig. 6.3. However, the image analysis does not allow
to differentiate whether a difference of polymerization velocity is due to a difference in
polymerization rate, or due to a different amount of polymerizing filaments. Since the
force does not depend on the cell’s initial velocity, this indicates that faster cells have
an increased polymerization rate.
Only the specific treatment with cytoskeletal drugs allows to definitely assign the pro-
trusion force generation to any mechanism. By measuring the protrusion stall force,
which is the maximum force the cell’s leading edge can generate (under the given condi-
tions), one can determine how these forces are altered by cytoskeletal drugs. The leading
edge protrusion, i.e. protrusion force as well as extension speed, decreased in a dose-
dependent fashion upon inhibition of actin polymerization by cytochalasin D (compare
Fig. 4.14). Although capping of filaments increases the actin monomer pool (Carlier,
1998), which could principally lead to enhanced polymerization, the slowing down effect
was dominant upon cytochalasin D treatment. CD was applied at maximum concentra-
tion of 100 nM, which is a relatively low additional concentration compared to capping
protein concentration in cells, as for example capG which was found to be in the order
of 1-5 µM (Carlier, 1998). As described before (Chap. 2), capping is a critical regulatory
mechanism for the actin network organization in general and polymerization in partic-
ular. The stall force decreased within a concentration range of 60-100 nM of applied
CD in a dose-dependent fashion. In the same manner the protrusion velocity was re-
duced upon CD application until a concentration of 120 nM, where almost no cell moved
anymore. The cells, i.e. the highly regulated actin network organization, seem to be
able to compensate for some additional capping, but then react very sensitive over a
narrow concentration range. The force build-up behavior during time evolution reveals
less steep maximum slopes and more pausing events compared to untreated cells (com-
pare Fig. 4.14) indicating less filaments pushing and a disturbed cumulative effect of
force generating filaments. Since the measured force critically depends on the cytocha-
lasin concentration, the generated force in reverse depends on the free actin ends at the
plasma membrane, and actin is the crucial driving element in protrusion of keratocytes
leading edge.
Stabilizing actin filaments and decreasing depolymerization by application of jasplaki-
nolide led to pronounced actin bundles spanning the long axis of the cell in the fluores-
cence images (seeFig. 4.7). A slower depolymerization means less monomers available
and in turn a decreased actin turnover which slows down polymerization and, thus, cell
speed as observed. The maximum stall force of jasplakinolide-treated cells remained
unchanged compared to untreated cells. However, the time to reach the stall force was
increased, and the build-up behavior shows phases as steep as untreated cells, but is
interrupted by more pausing events which is in agreement with down slowed actin dy-
namics. The power of lamellipodium protrusion is decreased indicating a dependence
on filament disassembly. The decreased monomer pool and the related slower actin
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turnover might determine the cell speed, but not the maximum force. The application
of Latrunculin A, which sequesters actin monomers and reduces, therefore, the poly-
merizable actin pool, revealed a slightly reduced actin network within the lamellum,
but a stronger filament distribution at the rim. This suggests an increased monomer
concentration at the rim, which is not able to polymerize, yet hinders depolymerization
in the lamellipodium due to an increased monomer concentration. The cells displayed
a reduced lamellum network, and were not able to move at full speed, retrograde flow
and polymerization speed was decreased as well.
Myosin inhibition by ML-7 application led to a decreased cell velocity in agreement
with previous results (Jurado et al. (2005), for fast moving cells). Although the max-
imal lamellipodium stall force did not decrease, the time necessary to reach that force
increased. This indicates that molecular motors contribute to the force build-up, but
they are not essential for force generation at the central leading edge. Their contractility
does not contribute to the protrusion force. Nevertheless, they act as crosslinkers which
enhance the stability of the actin network. As mentioned before (Sect. 4.2.3), inhibition
of myosin leads to a more viscous and less elastic actin cytoskeleton that slows down the
cytoskeletal transport but does not lower the maximal forces against an opposing load.
Jurado et al. found that 10 µM ML-7 led to a significant decrease in cell adhesiveness of
keratocytes (Jurado et al., 2005). Although the concentration they used is much higher,
a decrease in adhesivenesses in the presented results cannot be excluded. The increased
time to build-up the maximum stall force could also be related to a weaker anchorage
interaction to the surface. However, this effect can only play a minor role in the used
concentrations since force transmission depends on traction to the substrate, but the
force generating machinery was not hindered to reach its maximum in ML-7 treated
cells.
The driving role of actin polymerization at the leading edge for protrusion is further
bolstered by the application of deoxycholate. Deoxycholate weakens membrane tension
(Raucher & Sheetz, 2000) and the application in the experiments resulted in an increased
actin polymerization velocity, together with an increase of retrograde flow velocity, indi-
cating a common origin: actin polymerization pushing against the membrane. A lowered
resistance promoted an enhanced reaction kinematic at the leading edge.
These measurements allow to decisively conclude that actin polymerization forces are
responsible for protrusion at the cell’s central leading edge. In principle, this process can
be understood by an actin polymerization-driven thermal ratchet (Mogilner & Oster,
2003). However, to interpret the measured forces and to draw any conclusion about
the underlying mechanisms the behavior depending on the opposing load is of special
interest- since any model must describe it. The force–velocity relation is one of the
constitutive relations of cell mechanics, the knowledge of which is a prerequisite for
further theory development. The obtained force–velocity relation is shaped concave
and is in agreement with recent measurements of the force–velocity relation on in vitro
growing actin networks (Parekh et al., 2005). Others also found a similar force–velocity
relation for keratocytes (Prass et al., 2006).
Load Dependence Despite the quintessential force magnitude measured is consistent
with actin polymerization, the resulting force–velocity curve cannot be explained by
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initially established thermal ratchet models (Carlsson, 2003; Mogilner & Oster, 2003).
These models predicted a convex, rather than the observed concave curve. The theoreti-
cal convex shape is a short coming of the existing theories to precisely describe the actin
filaments of the lamellipodium. However, in an analytical formulation for the possible
force–velocity relation for a protruding actin network a concave curve is also expected
(Keren et al., 2008). Only recently, the implementation of two-dimensional stochastic
network simulations for growing actin networks according to a simplified version of the
dendritic nucleation model (Pollard, 2007) led to a description of the experimentally
observed behavior (Weichsel & Schwarz, 2010). Systems, which cannot respond to an
external force with an increase of retrograde flow, may exhibit configurational bistability
of the actin network causing bistable force–velocity relations.Another recent stochastic
simulation, which is based on Brownian dynamics, describes each filament as rigid rod in
a three-dimensional model and includes microscopic properties of actin (such as growth,
shrinkage, branching, capping nucleation, and formation of adhesion to the substrate)
together with excluded volume effects (Schreiber et al., 2010) and reproduces the exper-
imental data published by Prass et al. (2006).
The load dependent behavior of the protrusion stall force presented in Sect. 4.3 can be
explained by a model that includes a semi-flexible actin network region near the leading
edge with dynamic depth and a gel-like actin network further back in the bulk of the
lamellipodium. The polymer brush at the leading edge of the lamellipodium exhibits
rich spatio-temporal dynamics consisting waves of localized retractions of the leading
edge traveling along it (Ponti et al., 2004; Vallotton et al., 2004). Recently, a simple and
generic theoretical description was developed for the polymer brush which describes all
these dynamic regimes as driven by polymerization kinetics at the filaments’ free ends,
crosslinking of the actin network, attachment and detachment of filaments to the ob-
stacle interface, and entropic forces (Gholami et al., 2008). Anyhow, since cell velocity
depends also on the properties of the gel in the bulk of the lamellipodium and adhesion
to the substrate, a polymer brush model alone cannot determine the cell velocity. On
the other side, these processes have been successfully modeled in studies describing the
actin network as viscoelastic gel and cellular motility as the result of stresses in the gel
(Kruse et al., 2005). Hence, a combined model of the polymer brush with actomyosin
gel properties is useful to calculate both, the velocity and the lamellipodial shape dy-
namics. The simulations presented in Sect. 5.1 base on such a model and fit to the
experimental results. The force–velocity relation of the simulations reproduce the be-
havior during the cell’s motion against the cantilever including the initial velocity drop
upon cantilever contact, the biphasic relation up to the stall force and the phase corre-
sponding to adaptation to the stalled state. Simulations of drug-treated cells’ behavior,
which corresponds to a change of parameter values in the model, exhibit qualitative and
quantitative agreement with experimental results. Thus, the combination of two com-
peting theoretical concepts, which describe the actin network either by the equations of
a continuum gel theory or as individual semi-flexible polymers, explains the experimen-
tal results and confirms the mechanism. Contrary to expectations, it is not the force
dependence of the polymerization rate that shapes the force–velocity relation but rather
the interaction of polymerization at the leading edge with retrograde flow and adhesion.
Furthermore, the measurements also allow to exclude some proposed mechanisms.
Since monomeric actin transport to the leading edge relies on hydrodynamic flow, these
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flow forces are always present. Nevertheless, this effect is negligible for the central
protrusion forces. Recent studies, which have examined the hydrostatic fluid flow field,
describe it as monotonically decreasing from the cell rear to the front, with a minimum
at the center of the cell front (Keren et al., 2009). As described before (Sect. 4.3 and
Sect. 4.4), the measured forces are directed forward at the leading edge, rearward within
the lamella, and again forward at the cell body. This force reversal is fundamentally
inconsistent with the aforementioned explanation based on fluid pressure.
Conclusively, the polymerizing filament ends are the essential elements for central
lamellipodial edge protrusion, while motor activity and hydrodynamics pressure are not.
The decrease of protrusion force by reduction of polymerizing filament ends combined
with the system’s insensitivity to myosin inhibition directly show for the first time that
local actin polymerization is the force generating mechanism at the cellular leading
edge. The phases of the force–velocity relation can be described by a semi-flexible actin
network region near the leading edge with dynamic depth and a gel-like actin network
further back in the bulk of the lamellipodium.
6.3. Retrograde Force
The measured central retrograde flow velocity of untreated cells (≈ 4 µm/min) is in
agreement with previous results (Jurado et al., 2005). Within the here measured rel-
atively fast population of keratocytes (n = 50, control) no correlation between central
retrograde flow and cell velocity could be found as shown in Fig. 6.3B. The central
retrograde flow velocity remains constant, independent from cell speed which is also in
agreement with previous observations using fluorescent speckle microscopy and enhanced
phase contrast (Vallotton et al., 2005). However, other studies found a fast retrograde
flow for slow moving cells and vice versa (Jurado et al., 2005), but the cells measured
there have been much more slower (< 5 µm/min) than the ones used in this study which
where systematically chosen to be fast to represent an intact motile system.
The measured retrograde forces occurring between the lamellipodium protrusion and
cell body force are consistent with the analysis of internal actin retrograde flows and,
thus, it can be assumed that this flow is the origin of the opposing force the cantilever
experiences. The polystyrene bead attached to the SFM-cantilever couples by substantial
indentation (< 500 nm) to these internal forces by exerting a defined load that opposes
the cellular material flows. Considering that the lamellipodium is a very thin structure
(< 1 µm) the range in which the bead indentation depth could be varied was too small
to lead to any significant observations regarding its effect on material flow. Although the
sensitivity of the measurement is very high, it does not provide the resolution to detect
whether the deformation has a significant impact on retrograde force. This correlation
between deformation and retrograde flow is not necessary to explain how strong cellular
forces can be and what generates these forces because the lower bound of the force and
especially its direction yield sufficient information.
In the center of the cells, the retrograde actin flow velocities have been well char-
acterized (Vallotton et al., 2005; Jurado et al., 2005) and delicate measurements on
top of the cell surface demonstrate that considerable backward forces can emerge in the
lamellipodium (Choquet et al., 1997). Individual measurements of different cellular forc-
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Figure 6.3.: Polymerization velocity and retrograde flow over cell speed. (A) Control cells
and cytoskeletal drug treated cells show a linear dependence of polymerization velocity on cell
speed (black line: linear fit of control cells). (B) The central retrograde flow (light blue) is not
correlated to cell speed (light blue line: linear fit), whereas the retrograde flow in the wings
(violet) increases slightly with cell speed (violet line: linear fit).
ing mechanisms based on diverse techniques led to ambivalent results such as that the
plasma membrane at the leading edge can be propelled by actin polymerization (Theriot
& Mitchison, 1991; Carlier et al., 2003) or hydrodynamic flow (Keren et al., 2008), as
well as myosin-driven oscillatory forces which facilitate cell spreading (Giannone et al.,
2004). Thus, it remains unclear which of these forces is the key contributor in which
lamellipodial region.
The measured retrograde force is the missing link to explain how the interplay of forces
generates motility. Directly at the leading edge a contribution of actin polymerization
driven forces to the retrograde flow is unavoidable since, due to Newton’s third law, every
action creates an equal and opposite reaction. Thus, in addition to pushing the leading
edge forward, polymerization pushes the lamella backward. Surprisingly, in contrast to
the polymerization velocity, the central retrograde flow velocity does not relate to the
cell’s speed as shown in Fig. 6.3, but an increased polymerization velocity would suggest
an increase in retrograde flow velocity due to force balance at the membrane. It is worth
to note that the retrograde flow velocity determined here is the average of the flow field
velocities over the central lamellum and lamellipodium and does not account for special
features close to the leading edge, whereas the polymerization speed is locally determined
with the vector field at the leading edge. However, it has been shown before that the
lamellipodium displays an increased actin turnover compared to the lamellum behind it
(Ponti et al., 2004). This zone is also described by the brush in the load dependence
model and might locally compensate for the increased polymerization rate and maintain
the force balance at the membrane.
Actin’s retrograde movement is a consequence of fractional substrate adhesion, gener-
ally known as a molecular clutch (Jurado et al., 2005; Gardel et al., 2008), which transfers
polymerization energy from idling retrograde flow to forward protrusion. The presented
data of deoxycholate-treated cells also support this conception. The observed increase
in actin polymerization velocity as well as retrograde flow velocity can be rationalized
by membrane softening enhancing an actin polymerization-driven thermal ratchet and
consequentially increasing retrograde flow at the leading edge. Consistently, the de-
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creasing effect of cytochalasin D on retrograde flow velocity, especially in the central
lamellum, can be directly correlated to capping of actin barbed ends which decreases
polymerization. The retrograde flow velocity is also decreased by jasplakinolide which
disturbs actin turnover by reducing depolymerization and, therefore, elongates filaments
and decreases the monomer pool available for polymerization.
It remains to be discussed to what extent further back from the leading edge retrograde
forces emerge from contractile, myosin-driven elements (Forscher & Smith, 1988) or from
entropic forces caused by actin depolymerization (Wolgemuth, 2005). The role of acto-
myosin contraction in cell motility is not clear, and experiments on different cell lines
often provide contradictory conclusions. For example, the retrograde flow of actin in
neuronal growth cones is reduced when myosin is inhibited (Lin et al., 1996), keratocytes
treated with ML-7 are still capable of translocation (Jurado et al., 2005), yet myosin II
mutants in dictyostelium discoideum still crawl (Knecht & Loomis, 1987; Lombardi et al.,
2007), and fibroblasts that are deficient in myosin IIA crawl faster than wild-type cells
(Even-Ram et al., 2007).
Myosin’s role to retrograde force generation is minor, as application of ML7 did not
change the central retrograde pressure. The retrograde force upon ML-7 application was
in fact even higher than in controls, but ML-7 also induces cell softening as a result of
less cross-linking myosins. Since the loss of elastic strength means that the ratio between
elastic storage modulus and viscous loss modulus decreases (and that the cell becomes
more fluid-like), the same retrograde pressure causes a slower retrograde flow and leads
to a slower force build-up in the ML-7-treated cells. Previous measurements revealed an
increase of retrograde flow velocity upon ML-7 application in fast moving keratocytes
(Jurado et al., 2005), but these cells were significantly slower. This effect was explained
by weakened adhesion shifting the clutch which could be the dominant effect at the high
concentrations used in these experiments (10µM).
The contribution of polymerization to the central retrograde forces due to force balance
become most obvious. Since myosin inhibition has little effect on the force in the central
lamella, contractile pulling forces generated by actin depolymerization (Miao et al., 2003)
may significantly contribute to central retrograde flow near the cell body. This is further
bolstered by the decrease of retrograde flow velocity upon jasplakinolide application
which reduces actin depolymerization. Besides actin polymerization against the plasma
membrane, the retrograde force further back in the lamellipodium can in principle be
generated by the inherently present depolymerization of the actin cytoskeleton through
a process similar to that in crawling nematode sperm cells (Miao et al., 2003; Wolgemuth
et al., 2005; Zajac et al., 2008). The contractile nature of these forces means that they
not only contribute to the retrograde forces but also to the forward directed forces in
front of the cell body (anterograde flow). They form the link between backward directed
retrograde forces and forward directed cell body forces for the central lamellum. Thus,
a myosin-independent contractile force may, at least partially, drive the retrograde and
anterograde flow of actin. Under several assumptions further introduced in Sect. 5.2,
the same model as used for nematode sperm motility (Zajac et al., 2008) can be used
to describe the SFM data on the forces (retrograde and anterograde) that occur in the
central lamellipodium. The model clearly predicts the force evolution for untreated
keratocytes and for keratocytes treated with ML-7. Indeed, the model even captures the
behavior of the actin flow after the flow reverses direction in front of the cell body. The
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predicted depolymerization rates are consistent with rates of roughly 2 min−1 that have
been estimated in other actin-based cells (Pollard et al., 2000; Watanabe & Mitchison,
2002; Theriot & Mitchison, 1991). In addition, the results are suggesting that myosin
activity may be accelerating the rate of actin disassembly, as there is a difference of
a factor of 2 between the mean values that are computed for the untreated and ML-7
treated cells. However, the uncertainty in the parameters does not allow to draw any
firm conclusions on this relationship. Yet, this conclusion is consistent with evidence
in the literature that myosin activity increases the disassembly rate of actin (Medeiros
et al., 2006; Haviv et al., 2008).
The situation is different in the wings of the lamella where the myosin contraction
(Vallotton et al., 2004) appears significant. The retrograde flow velocity was drastically
higher (≈ 8 µm/min) than in the central lamellum which is in agreement with previous
observations (Vallotton et al., 2005). Polymerization inhibiting drugs (cytochlasin D
and latrunculin A) decreased the retrograde flow velocity rather equally in the central
and lateral region of the lamellipodium, whereas myosin inhibiting drugs (and jasplaki-
nolide) decreased the retrograde flow much more in the wings than in the central regions
(Fig. 4.10). This stronger decrease adjusted the flow between wings and central lamel-
lipodium to a rather homogeneous retrograde flow throughout the entire cell, e.g., due
to high concentrations of blebbistatin (Fig. 4.11). As an indirect consequence of lost
contractility, the cells were not able to conserve their shape and widened due to the re-
duced backward transport of actin filaments in the wings. Since retrograde flow did not
cease but was drastically hindered by myosin inhibition, the inward movement of actin
in this region is driven by myosin contraction, on top of contributions that stem from
polymerization and depolymerization. The decreasing effect of retrograde flow velocity
upon jasplakinolide, which hinders actin depolymerization, further bolsters that proper
myosin function relies on intact actin turnover. Although the dependence is not very
strong, the retrograde flow velocity in the wings correlates to the cell’s speed, as shown
in Fig. 6.3, in contrast to the central part of the lamellum. This supports the idea of
an acto-myosin contraction mechanism related to cell body forces as will be discussed in
the next section.
Finally, a combination of actin polymerization and depolymerization drive the dynam-
ics in the central lamella, whereas myosin contraction appears significant in the lamellar
wings.
6.4. Cell Body Forces
Whole keratocytes were successfully stalled and their forces were determined to be
68± 18 nN. This value roughly agrees with previous results of halting keratocytes with
a calibrated microneedle (≈ 40 nN) (Oliver et al., 1995).
Even when the protrusion forces at the leading edge would fully contribute to the
cell forces (which is not the case since retrograde forces oppose a transmission), they
would not suffice for the measured cell body stall forces. Since integrating the maximum
lamellipodium polymerization pressure over a typical area (height x length) of a cell’s
entire leading edge (0.25 × 35 µm2) results in a total maximum lamellipodium force of
≈ 10 nN.
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Figure 6.4.: Whole cell stall force and velocity versus surface area. (A) The cells maximum force
does not rely on its surface area which roughly corresponds to its size. (B) The cells surface area
and initial velocity are not correlated to each other.
Figure 6.5: Illustration of a cell’s deformation
during a stall force experiment. When the cells
exert their maximal forces, the orginal lateral
wings move to the front, the lamellipodium di-
vides around the poylstyrene bead.
With respect to the origin of the cell body forces, regions close to the cell body and
in the lateral wings have an increased number of contractile elements, i.e., actin bundles
containing myosin II (Svitkina et al., 1997). These contractile elements are responsi-
ble for traction forces. As revealed by traction force microscopy (Munevar et al., 2001),
unperturbed keratocytes generate the largest traction forces externally on an elastic sub-
strate of 100± 20 nN in the lateral wings along their long axis. This is in agreement with
previous measurements (Burton et al., 1999; Oliver et al., 1999) and balances with the
SFM-based measurement of the internal whole cell stall forces. Previous measurements
also demonstrated by application of actin-myosin inhibiting drugs (BDM and KT5926)
that myosin activity contributes to these pinching forces acting between the wings and
the cell body (Oliver et al., 1999).
In the whole cell stall SFM-experiments the observed forward forces reach their max-
ima when the lateral wings eventually become the front of the cell, as shown in Fig. 6.5
(and Fig. 4.17A), demonstrating that the otherwise orthogonal contractility axis be-
comes more parallel to the force measurement direction. The underlying structure, long
actin bundles, are bent around the polystyrene bead where myosin is supposed to stand
the tension. Due to their sheer size the cell body stall forces can only be generated from
the contractile structures that are also responsible for the comparably strong traction
forces. Individual myosins may only generate single pico-Newtons of force at any given
step. However, the measured cell body stall force is rather a summed force over time
than an instantaneously available force, which means that even much fewer motors func-
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Figure 6.6.: Whole cell stall force and rise time plotted versus free velocity. (A) No correlation
between cell stall force and the cell’s free velocity appears. (B) On the other side, the rise time
to build this force up is increased for slower cells. Black line shows a linear fit to the data. Error
bars correspond to the measurement for each cell.
tioning cumulatively can build up this force. The network elastically in a ratchet-pawl
like fashion can build and store these loads. During the experiments, this is reflected
when the cells continue to move forward until a certain tension is reached between the
two protruding wings, now at the front of the cell, bending the underlying structures
such as actin bundles around the polystyrene bead. In most cases, the cell stopped and
probably turned around (see image series in Fig. 4.17). Sometimes the smaller lamellar
front subsequently retracted, and the cell could continue to move forward in direction of
nucleus and larger part of the lamellipodium. In some rare cases the smaller part also
disrupted from the cell, moving further as fragment and very rarely the cell just died.
It seems that the motility machinery is limited by the structural integrity of the cell.
The latter should be the same for all keratocytes, which could explain that the whole
cell stall force is independent from the cell’s size or velocity as shown in Fig. 6.4 and
Fig. 6.6. The size independence of the cell’s stall force is in agreement with previous
traction force studies (Burton et al., 1999). The time to build up the force, however,
increased for slower cells, which means the power depends on the velocity.
In the undisturbed lamellipodium, predominantly long filaments are transported to
the rear (Svitkina et al., 1997; Huber et al., 2008) which are the ideal substrate for a
minimal number of myosins to form a completely percolated contractile network. Lower
concentrations of myosin inhibitors significantly decreased protrusion and retrograde
flow velocities, but they did not result in a significant decrease of the whole cell stall
force (55± 15 nN) (Fig. 4.18). Only higher concentrations of 100 µM blebbistatin led
to a significant drop (26± 7 nN) (p < 0.01), showing that the cell is able to compensate
for some reduced fraction of myosin activity. When an actin network is fully percolated
and the interfilament connections are formed by myosin (Keller et al., 2003), addition of
further motors cannot form new contractile links between filaments. Thus, myosin can
reach a saturation level and small doses of inhibitors do not significantly reduce the effect
of active contractile elements. At the higher blebbistatin concentration the contractile
myosin mediated interfilament connections drop below the percolation threshold which
lowers the force generation ability and becomes visible in a widening of the cells due to
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a less stably connected actin network (Fig. 4.11). In the actin stains, no pronounced
stress fibers are visible anymore (Fig. 4.7).
A significant dose dependent reduction was found in cell body force upon cytocha-
lasin D application (Fig. 4.18). Cytochalasin D also reduces the actin filament length
(Xu et al., 1999; Wagner et al., 2001) which results in less pronounced actin bundles
visible in the cell rear (Fig. 4.7). These disturbed bundles lead to a decrease in total
cell force since myosin minifilaments cannot operate properly on actin filaments that are
too short as expected from theoretical considerations (Kruse & Ju¨licher, 2000; Carlsson,
2006). Thus, myosin-mediated interfilament connections fall below a percolation thresh-
old and force transduction decreases. It is this loss of a fully percolated network that
prevents a contractile force chain from spanning the rear of the cell body and gener-
ating forward movement. In contrast, addition of jasplakinolide, which increases actin
filament length, has no significant effect on the cell body stall force. Hence, when the
actin filaments have reached a sufficient length, an additional increase in filament length
does not increase the effect of stress fibers in force generation. Once the actin filament
significantly exceeds the percolation length scale, from a network standpoint it can be
seen as infinite. Thus the system is highly sensitive to filament shortening but robust to
filament elongation.
Therefore, unrestricted actin polymerization is necessary to provide sufficiently long
filaments for cell body force generation. The findings show that both intact actin and
myosin systems are essential for effective cell body force generation.
6.5. Synopsis
The newly developed SFM-based method allows to directly measure cell forces within
their plane of movement and to detect how they change upon drug application. The com-
bination of traction force microscopy with high resolution imaging provides a uniquely
comprehensive dynamic force map that gives the magnitude, direction, and origin of the
intracellular forces in fish keratocytes as illustrated in Fig. 6.7. The model described in
this study bases on different proposed ideas (Anderson et al., 1996; Svitkina et al., 1997)
and is similar to recently proposed models (Small & Resch, 2005). The presented mea-
surements and simulations allow to further develop the picture of cell motility, as they
allow to confirm for the first time some mechanisms, or to exclude proposed mechanisms
(Goegler et al. (2010), submitted).
The protrusion stall measurements finally prove the long-standing hypothesis that
actin polymerization is the driving process at the leading edge, and hydrostatic pressure
can be excluded. An actin polymerization-based thermal ratchet-like mechanism gener-
ates the protrusion force at the leading edge, pushes the membrane forward and thereby
causes the initial retrograde flow. Fractional substrate adhesion, such as a molecular
clutch, determines to what extent the forces are forwardly or backwardly directed. The
lamellipodium, the region behind the leading edge which is often differentiated from the
lamellum (Abercrombie et al., 1971; Ponti et al., 2004), has an increased actin turnover
and can be described as polymer brush of branching filaments. The depth of this brush
is determined by the motion of the leading edge membrane relative to progression of the
following lamellum which can be described as polymer gel and consists of an entangled
89
6. Discussion
actin network with cross-linked filaments. The description of the network properties of
lamellum and lamellipodium through this combination allows to correctly simulate the
load dependent behavior of the leading edge protrusion stall force.
Further back, at the end of the lamellum in the transition zone to the cell body, the
filaments depolymerize and monomers move (diffusion superimposed by hydrodynamic
flow) to the front where they are again available for polymerization. Simulations based
on entropic description show, that actin depolymerization can generate considerable
contractile forces which alone are sufficient to explain the measured retrograde and
anterograde forces.
Besides its function as a contractile motor, nonmuscle myosin II is cross-linking the
filaments in the lamellum and, therefore, influences the network properties following the
basic laws for a cross-linker in a polymer network. Inhibition of myosin, hence, lowers
the amount of cross-linking which in turn decreases the stiffness of the network and shifts
its behavior from an elastic to a more viscous character. Thus, everything slows down
and the build-up of the forces is slower, but the same amount of forces can be reached as
showed in the experiments. Actin filaments can only be cross-linked by myosin if they
are already in close proximity, therefore the network geometry determines the amount
of possible cross-linking points. Since a network can only be mechanically stable when
all filaments are connected to each other at least once (which is called the percolation
threshold of a polymer network), there has to be an excess of myosin bound to actin
filaments. Small amounts of myosin inhibitors do not show any drastic effect since they
are buffered by the myosins that do not connect to filaments. Shortening of the fila-
ments (e.g., by addition of cytochalasin) has a strong effect since it immediately disturbs
the connectivity of the actin–myosin network, whereas lengthening (e.g., by addition of
jasplakinolide) has no drastic effect on the force. In principle it could also contract the
network as suggested before and drive the central retrograde flow (Verkhovsky et al.,
1999a; Svitkina et al., 1997). However, as the experiments revealed, in the central lamel-
lum myosin’s function as contractile motor is minor, but is important to the retrograde
flow in the lamellipodial wings.
Since it is the same actin cytoskeleton which polymerizes at the leading edge and
circulates along the lamellipodial wings rearward to form the contractility network (Small
& Resch, 2005), the structures are synchronized to each other. Beside the ever-present
polymerization and depolymerization forces, the contractile effect of myosin is dominant
in the lateral wings of keratocytes. Actin bundles are contracted and cause a locally
increased retrograde flow toward the cell body. Moreover, only these contractile elements
are strong enough to explain the strong forces that pull the cell body along and that
clearly exceed the protrusion forces at the leading edge. Focal adhesions, strengthened
adhesion sites, which are distributed mainly in the wings of the cell, are necessary to
transduce the strong pinching force in the back of the cell. The strong cell body forces,
therefore, rely on an intact actin network as well as myosin contraction
Thus, spatially separated, the migrating cell uses nearly the complete molecular tool-
box provided by the actin cytoskeleton to generate the internal forces for migration. This
explains why measurements of only some of these forces resulted in ambivalent models
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Figure 6.7.: Complete picture of the measured parameters for a migrating fish keratocyte. The
force measurements and the characterization of the internal actin dynamics result in an almost
complete physical picture for this cell type. The measured parameters (of Fig. 4.20) are combined
with illustrated underlying cytoskeletal structures responsible for force generation.
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7. Conclusions & Outlook
Cytoskeletal dynamics and cell motility have been the subject of a continuously increas-
ing number of publications during the last years. This is not only due to technological
progress but also because we are just beginning to understand the importance of this
phenomena to life in general, and in human medical contexts such as embryogenesis,
nerve innervation, immune response, wound healing, and cancer cell metastases. This
small sample of prominent occurrences related to cell motility and their contradicting
influences on tissue development dictates that a better understanding are essential. As
discussed in the Introduction, in the field of motility research a large number of excellent
publications were able to illuminate the role of certain proteins and processes. However,
many of them are experimentally limited to one certain part of a cell or to only a small
set of parameters that are measured. The hypotheses which had been established have
to be verified within their context of cell type, biochemical constitution, and force range,
resulting in a wide range of incompatible interpretations for common mechanisms. It
is not completely resolved how the protrusion machinery is implemented in cells, since
they are complex biological systems containing an immense number of proteins, which
moreover are not all known and include numerous redundant systems.
The comprehensive set of measurements of internal forces throughout the entire cell
lamellipodium presented in the previous chapters is the base to establish a more complete
picture of cell migration in fish keratocytes (Fig. 6.7) which are robust model systems in
biophysical motility research. The newly developed SFM-based method is able to pre-
cisely determine critical cell forces, such as protrusion stall force of the lamellipodium,
the stall force of the whole cell and – for the first time – an additional force correlated
with the retrograde flow. The combination of drug alteration, high-resolution imag-
ing and traction force microscopy with numerical simulations of the load dependence
and depolymerization effects allowed to understand how these forces are associated with
cytoskeletal processes. This concept of a multi-parameter approach moves toward cap-
turing the complexity of cellular systems, where redundancy and compensability of single
factors can lead to misinterpretations.
In synopsis, it is not a single force generating mechanism driving cell motility, but var-
ious mechanism employed by the cytoskeleton. Blebbing phenomena and hydrodynamic
pressure for example do not play a role in keratocyte migration due to the observed
retrograde flow force, but they may be relevant for cell types where generated forces are
weaker. As evolution shows, adaptability and variation from a common set of cytoskele-
tal proteins is the key to survival. Accordingly, the cytoskeleton possesses more than
one possibility to induce cell motion, as evident from the comparison of amoebae and
keratocytes. Though their similar cytoskeleton, amoebae’s primary origin of force is con-
tractility and protrusive flow, whereas in keratocytes both myosin-induced contractility
and actin polymerization-driven forces act at the same time, but in different sections
of the cell. Beside the hypotheses falsified concerning keratocyte migration, results of
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former studies were successfully reproduced (e.g., the values of lamellipodium stall force
and retrograde-flow velocities) and support the picture presented here. This comprehen-
sive picture was made possible with (1) new experimental results, namely the discovery
that the forces at lamellipodium and near the cell body must be decoupled, and (2) new
theoretical work which include the influence of entropic forces on the retrograde flow
due to depolymerization.
A great advantage of the developed SFM-based method is that forces can be measured
at different positions on a cell and that stall force measurements return back maximum
values. By measuring stall forces of the leading edge, its load dependence, and the
alteration due to specific manipulation of proteins were determined and lead to more
insight into the interplay of the mechanisms. It was shown that actin polymerization
is indeed driving protrusion at the leading edge. As already mentioned, hydrodynamic
pressure can not contribute significantly to protrusion of the lamellipodium since the
flow force within the lamella points rearward, and the weak hydrodynamic forces are in
contradiction to the larger ones obtained from stall force measurements.
Another hypothesis which demands reevaluation is the wide-spread theory of a thermal
ratchet system to describe the force build-up, which predicts a force–velocity curve to
be convex shaped. The fact that the measurement with the SFM-based technique shows
a concave curve can be understood by the combination of two different descriptions
for the actin network, a polymer brush based on thermal ratchet theory at the leading
edge, and a cross-linked network behind it described by gel theory. This is supported
by the simulations of the load dependence which were done in cooperation with the
Max-Delbru¨ck Center, Berlin.
Furthermore, the retrograde and anterograde forces in the central lamellipodium were
the missing link to understand the internal force interplay and balance in a crawling cell.
The fact that these considerable force are directed backward to the cell body shows that
protrusion at the leading edge and cell body forces are not originating from the same
force generation center.
Earlier suggestions which could not be confirmed in this context include the role
of nonmuscle-myosin II in the central lamellum. It indeed has an important role as
crosslinker protein but myosin-based contractile forces have a minor effect on protrusion
and retrograde force. Simulations based on depolymerization contractility were able to
describe the observed behavior and were done in cooperation with the University of
Connecticut Health Center, USA.
This conclusion does not hold for the region of the lateral wings and the region near the
cell body where myosin contraction is the dominant mechanism beside actin polymer-
ization and depolymerization, all of which sum up to cell body movement. Nevertheless,
the protrusion of the whole cell also relies on an intact actin network, since the mo-
tors contraction function relies on a percolated actin network with sufficiently long and
crosslinked filaments.
These results help to refine the understanding of how cells are able to generate the
various forces which rule cell migration, and suggest new quantitative models to explain
measured force dynamics, facilitating new targeted approaches to inhibiting specific
cell motion, such as in metastasis. Additionally, the detailed understanding of cellular
movement mechanisms gives researchers not only the information necessary to address
concerns in vivo, but also the schematics to create synthetic minimalist biomimetic
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nanomachines.
The future of this project is to extend the opened phase space to other cells such
as fibroblasts or neurons. For that purpose, the temporal resolution of the method
might be tuned. Due to drifts during the measurement, the time window for accurate
measurements lies in the range of tens of minutes, but to measure such slow systems a
longer stability is required. A first approach would be to detect any movement of the
petri-dish by a second laser optically detecting a fixed bead on the surface. It would be of
interest to learn more about general mechanisms, e.g. if actin polymerization is also the
driving force in neuronal growth cone movement or, as recently proposed, microtubules
generate forces by similar processes. Furthermore the force production of related actin
structures, such as filopodia could be investigated. From the physicists point of view





A.1. Cell Culture Protocols
A.1.1. Keratocyte Medium
Primary goldfish epithelial keratocytes were gained considering the animal rights in
cooperation with the Paul-Flechsig-Institute. Cells were cultured in Dulbecco’s modi-
fied Eagle’s medium (DMEM, E15-810, PAA) supplemented with 20% fetal calf serum
(A15-043, PAA), 10 mM HEPES (H4034, Sigma), and 100 U/ml penicillin-streptomycin
(P0781, Sigma) in a custom built experimental dish, which consists of a Petri dish with a
3 cm hole in the bottom and a 4 cm round glass cover slip (631-0177, VWR International)
glued to it. The cells were cultured at room temperature and 5% CO2.
A.1.2. Fresh Keratocytes
• Clean experimental dish with ethanol and rinse with PBS
• Fill 2 ml warmed up medium in an experimental dish
• Pluck a scale from a goldfish with some tweezers and put in in the middle of the
dish, shiny gold side up
• Gently put a cover glass on top and push the scale slightly down until it sticks on
the glass surface
• Incubate over night
A.1.3. Cytoskeletal Drugs
Several cytoskeletal drugs were used in this study in low concentrations (cytochalasin D,
jasplakinolide, latrunculin A, ML-7, blebbistatin, deoxycholate) over night. The drugs
were resolved in dimethylsulfoxide (DMSO, Sigma) prior to addition to a certain amount
of culture medium. Thereby the final DMSO concentration in the medium has to be
below 0.05%, to avoid toxic influence on the cells. After 24 hours the cells were rinsed
with PBS and fresh medium was added. Staurosporine, and high concentrations of
blebbistatin where washed out after 2 hours and 30 minutes, respectively.
A.1.4. Immunofluorescence
Keratocytes were briefly washed with phosphate buffered saline (PBS) and were subse-
quently fixed with 4% paraformaldehyde for 10 min at room temperature. Cells were
permeabilized with 0.1% Triton X-100 in PBS at 4◦C for 10 min.
• Microtubules were indirectly labeled using IgG1 beta-tubulin primary mouse mon-
oclonal antibody (Developmental Studies Hybridoma Bank, University of Iowa) at
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4◦C, along with goat anti-mouse IgG (H+L) Alexa Fluo 488-conjugated secondary
antibody (A-11001, Molecular Probes) for 1− 2 hours.
• F-actin was fluorescently labeled with 2 µg/ml TRITC-conjugated phalloidin (P-
1951, Sigma) for 30 min at room temperature.
• Nuclear stains were done with 4,6-diamidino-2-phenylindole (DAPI, Cytological
Nuclear Counterstain Kit C-7590, Molecular Probes) for 15 min at room temper-
ature.
Fluorescence images were taken with a confocal laser scanning microscope (TCS SP2
AOBS; 63×/1.4–0.6 Oil, Leica) with a resolution of 1024 × 1024 pixels and 4× frame
average (for details see (Go¨gler, 2007)).
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A.2. Traction Force Microscopy Protocol
A modified version of the protocol published by Wang and Pelham (Wang et al., 1998)
has been used for the preparation of elastic polyacrylamide (PAA) substrates. The
protocol can be separated into three different steps:
A.2.1. Preparation of glass coverslips
Round coverslips were used as substrate (diameter: 40 mm; VWR GmbH, Darmstadt,
Germany), pretreated to promote adhesion between the PAA gel and the glass. After
cleaning, coverslips were covered with 400 µl of 0.1 M NaOH, which was evaporated
using a 80◦C hotplate, leaving a white film on the coverslip surface. Subsequently, the
coverslips were covered with 200 µl of 3-aminopropyltrimethoxy silane (Sigma) for 5 min,
and then washed with distilled microfiltered water (henceforth dH2O) until the white film
is removed. Then they were coated with 0.5% glutaraldehyde for at least 30 min followed
by rinsing with dH2O and drying with nitrogen. As non-adherent surface, standard glass
coverslips were pretreated to prevent any adhesion to PAA by applying a thin film of
SurfaSil (Perbio Science Deutschland GmbH, Bonn, Germany). Subsequently, these
coverslips were covered in methanol for 5 min to finalize the reactions.
A.2.2. Preparation and polymerization of PAA
For the presented experiments, 85 µl of 40% acrylamide solution (A-4058, Sigma) and
85 µl of 2% bis-acrylamide (M-1533, Sigma) were added to 820 µl PBS. Fluorescent
beads were embedded into the gel by adding 1–2 µl bead solution (Fluo Sphere, 100 nm
diameter, 2%, Molecular Probes) to the unpolymerized solution. Polymerization was
started by adding 6 µl of 10% ammoniumpersulfate (APS, A-3678 Sigma) and catalyzed
by 4 µl of N,N,N’,N’-Tetramethylethylenediamine (TEMED, T-9281 Sigma). A drop
of 30 µl solution was added on the silanized round coverslip and the non-sticky inert
standard coverslip was put face down on top of the drop resulting in a gel about 60
µm thick. The solution was polymerized within 60 min. After polymerization the gels
were covered with PBS for 5 min, then the top coverslip was gently slid off by pushing
carefully with a pipette tip before the gels were stored in PBS until functionalization.
A.2.3. Functionalization by Surface Modification
The gel was covered with 500 µl Hydrazine Hydrate (50–60%, 22519, Sigma) for 2–12 h
and then immersed for 1 h in 5% glacial acetic acid followed by another wash with dH2O
for 1 h. After this treatment the gels were sterilized under UV light for 15 min and rinsed
three times with PBS. 100 µl poly-L-lysine (P-4832, Sigma) was then added to each gel
at 4 ◦C for 2–12 h. Gels were subsequently rinsed three times in PBS, and 500 µl of a
40 µg/ml laminin (Sigma) solution was applied to the gels for 2 h in an incubator at 37
◦C. Gels were then rinsed with PBS and then stored at least 24 h in cell culture medium




The error of the forward forces was generally calculated from the standard deviation of
the measured values. To estimate the error of a single measurement it is necessary to
recall the final equation for the forward force and its dependence on different measured










where k is the spring constant, SΦ the lateral sensitivity, ∆Ulat the difference in lateral
deflection, l moment’s arm, L cantilever length, and µ the Poisson ratio of cantilever.
For the error calculation the partial derivatives of this equation with respect to each
































where σ is always the absolute error of the subscripted measured value.






























Thus equation Eq. A.2 can be simplified to finally yield the error as the sum of the
































The different errors are either measured or estimated. Typical errors for kz and l are
≈ 10–15%. The errors for sΦ, ∆Vlat, L, and µ are generally smaller and are on the order
of 1–5%.
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A.4. Load Dependence Model
In Sect. 5.1 a model was introduced, which describes the load dependent behavior of the
force build-up in protrusion stall force measurements. An overview of the parameters
and their values is given in Table A.1.
Symbol Meaning Control CD ML-7 Units Reference
n total filament density 300 230 300 µm−1 [1]
ka attachment rate of 10.0 s−1 10/s in [2]
filaments to membrane
k0d detachment constant 25.0 s
−1 fitted
vmaxp saturation value of 692 nm/s 500 nm/s
polymerization velocity in [3]
vmaxg saturation value of gel 350 133 158 nm/s fitted
a
cross-linking rate
l¯ saturation length of 0.1 µm assumed
cross-linking rate
κ drag coefficient of 1.13 nN s/µm2 [4]
plasma membrane
c elastic modulus of 291 148 348 nN/µm2 as in exp.
AFM cantilever
d actin monomer radius 2.7 nm [5]
lp persistence length 15 µm [6]
of actin
kl spring constant of 1 nN/µm [3,7]
linker protein
η viscosity of actin gel 0.833 0.5 0.783 nN s/µm2 [8,9]
ξ friction coefficient of 0.2 nN s/µm3 [10]
actin gel to adhesion sites
µ active contractile stress 2.78 2.78 0 pN/µm2 assumed b
in actin gel
h0 height of lamellipodium 0.25 µm [11,12]
at leading edge
L length of gel part of 10 µm [12,13]
lamellipodium
contact length with bead 4.4 µm as in exp.
aadjusted to experimentally measured cell velocities before cantilever contact
bµ was chosen to be very small compared to F/h, according to experimental findings that contraction
is negligible in the fish keratocyte central lamellipodium
Table A.1.: List of model parameters and their values in Fig. 5.2 in the theory section.
References: 1. Abraham et al. (1999), 2. Shaevitz & Fletcher (2007), 3. Mogilner & Oster
(2003), 4. Berg (1983), 5.Mogilner (2009), 6. Le Goff et al. (2002), 7. Evans (2001), 8. Bausch
et al. (1998), 9. Yanai et al. (2004), 10. Doyle et al. (2004), 11. Anderson et al. (1996), 12.
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